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ABSTRACT
UNFOLDED PROTEIN RESPONSE PATHWAYS IN SKELETAL MUSCLE
HOMEOSTASIS
Kyle R. Bohnert
July 20, 2018
Skeletal muscle mass, contractile properties, and metabolic function are regulated
through the coordinated activation of multiple intracellular signaling pathways and
genetic reprogramming. The endoplasmic reticulum (ER) plays a pivotal role in protein
folding and calcium homeostasis in many cell types, including skeletal muscle.
Disruption of calcium levels or accumulation of misfolded proteins in the ER lumen leads
to stress, which results in the activation of a signaling network called the unfolded protein
response (UPR). Further, recent studies have suggested that in certain conditions, UPR
pathways can be activated independent of ER stress. However, the role of ER stress and
the UPR in the regulation of skeletal muscle mass and function had not been previously
investigated.
This dissertation demonstrates that the markers of ER stress are increased in
skeletal muscle of mouse models of cancer cachexia. Chronic administration of 4phenylbutyrate (4-PBA), a molecular chaperon and an inhibitor of ER stress, leads to the
loss of skeletal muscle mass and function in naïve conditions and in Lewis lung
carcinoma (LLC) tumor-bearing mice. 4-PBA also causes atrophy in cultured primary
myotubes. Further, our results demonstrate that the targeted deletion of X-box binding
v

protein (XBP1), a downstream target of the inositol-requiring enzyme 1α (IRE1α) arm of
the UPR, attenuates the loss of skeletal muscle mass in LLC tumor-bearing mice.
Overexpression of a spliced form of XBP1 causes atrophy and induces the gene
expression of several proinflammatory cytokines and the components of ubiquitin
proteasome system and autophagy in cultured myotubes. Our results also demonstrate
that toll-like receptors-mediated signaling is responsible, at least in part, for the activation
of the UPR in skeletal muscle of LLC tumor-bearing mice.
Finally, the role of the XBP1 in skeletal muscle growth and regeneration was also
investigated. Results showed XBP1 mediates overload-induced myofiber hypertrophy
and skeletal muscle regeneration potentially through augmenting the proliferation of
satellite cells in a non-cell-autonomous manner. Altogether, this dissertation provides
initial evidence that while basal levels of ER stress/UPR is essential for the maintenance
of skeletal muscle mass and strength, supra-physiological activation of the UPR,
especially the IRE1/XBP1 arm, causes skeletal muscle wasting.
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CHAPTER 1
GENERAL INTRODUCTION

1.1 Introduction. The following section provides an extensive review of the literature
pertaining to the mechanisms regulating skeletal muscle formation, growth, and atrophy
with focuses on the role of the unfolded protein response (UPR). This chapter is adapted
from a review article, in which I am first author, that was published in the Journal of
Cellular Physiology [1].

1.2 The Unfolded Protein Response. The endoplasmic reticulum (ER) is a membranebound organelle in mammalian cells that is responsible for proper folding, processing,
and trafficking of proteins. The ER also plays an important role in calcium homeostasis
of the cell. Accumulation of misfolded proteins, viral infection, imbalances in calcium
level, and many other perturbations that disrupt cell homeostasis lead to ER stress [2-4].
The ER deals with such stress through initiating the unfolded protein response (UPR) that
is mediated by three ER transmembrane sensors: RNA-dependent protein kinase-like ER
eukaryotic translation initiation factor 2 alpha kinase (PERK), inositol-requiring protein 1
(IRE1), and activating transcription factor 6 (ATF6) [5-7].
Under normal physiological conditions, PERK, IRE1, and ATF6 proteins are
maintained in an inactive state by binding to BiP/glucose-regulating protein 78 (GRP78),
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an important ER chaperone. Upon ER stress, GRP78 disassociates from these proteins
and preferentially binds to the misfolded proteins in the ER lumen (Figure 1.1). Upon
release from GRP78, PERK is auto-phosphorylated leading to a cascade of signals
including phosphorylation of eukaryotic translation initiation factor 2α (eIF2α) and
translation of activating transcription factor-4 (ATF4), which induces transcription of
C/EBP homologous protein (CHOP) [7-9]. The PERK/eIF2α axis is also involved in the
termination of the UPR after the stress has been relieved by activation of growth arrest
and DNA damage-inducible protein, GADD34 [10]. Another ER transmembrane sensor,
IRE1, also becomes activated by autophosphorylation during ER stress. Through its
endonuclease activity, IRE1 promotes splicing of a 26-base intron from X-box-binding
protein 1 (XBP1) mRNA [11]. Spliced XBP1 (sXBP1) increases ER chaperones and
other components to assist in the folding capacity of the ER [12]. Lastly, once activated,
ATF6 moves from the ER to the Golgi apparatus to be cleaved by site-1 proteases [13].
The cleaved N-terminal fragment of ATF6 is then transported to the nucleus where it acts
in combination with sXBP1 to increase the levels of proteins that function to alleviate ER
stress [11]. Activation of all three pathways alleviates ER stress by regulating gene
expression and protein synthesis. The main purpose of the UPR is to increase the protein
folding capacity of the cell while decreasing the unfolded protein load [7-9].
While chronic unmitigated ER stress can lead to cell death, accumulating
evidence suggests that a low level of ER stress may be protective to cells by eliciting an
adaptive UPR that ‘preconditions’ the cell to a subsequent pathological insult, a process
named as ER hormesis. The UPR has been found to regulate autophagy, mitochondrial
biogenesis and function, and the expression of various anti-oxidant molecules to protect
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mammalian cells under stress conditions [14]. Low level of ER stress and UPR also play
an important role in the survival, self-renewal, and differentiation of stem cells in various
organs [15]. Moreover, it is increasingly evident that different arms of the UPR may have
a distinct role in regulation of cell fate in naïve and diseased states [5-7].
In recent years, several articles have been published highlighting the potential role
of ER stress in the regulation of skeletal muscle development, regeneration, and
adaptation in response to external stimuli. In the following section, we provide a succinct
review of the role and mechanisms of action of ER stress-induced UPR pathways in the
regulation of various aspects of skeletal muscle function. We also provide potential
avenues for future research that will elucidate the role of individual arms of the UPR in
the regulation of skeletal muscle mass.

1.3 UPR and Myogenesis: Myogenesis is a complex and highly regulated process that
involves the determination of multi-potential mesodermal cells to give rise to myoblasts,
exit of these myoblasts from the cell cycle, and their differentiation into muscle fibers
[16]. Myogenesis is regulated by the sequential expression of myogenic regulatory
factors (MRFs), a group of basic helix-loop-helix transcription factors that include Myf5,
MyoD, myogenin, and MRF4 (Figure 1.2). Many steps of myogenesis can by
recapitulated in vitro through incubation of primary myogenic cells or C2C12 myoblasts,
which form multi-nucleated myotubes in low serum conditions [16, 17].
An essential feature of skeletal muscle formation is selective apoptosis that
eliminates differentiation-incompetent myoblasts during myogenesis [18, 19]. Activation
of ER stress initiates the activation of caspase-12, which leads to the downstream
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activation of caspase-9 and caspase-3 and subsequent apoptosis. An earlier study
demonstrated that the ATF6 arm of the UPR and other markers of ER stress such as
CHOP and BiP as well as caspase-12 are increased in the myoblasts undergoing
apoptosis upon induction of myogenic differentiation [20]. Inhibition of ATF6 or
caspase-12 reduced myoblast apoptosis and attenuated the formation of multi-nucleated
myotubes in C2C12 cultures. Interestingly, a similar increase in caspase-12 is also
observed in skeletal muscle during embryonic development suggesting that the ATF6
arm of the UPR leads to selective apoptosis of a subpopulation of cells that may be
vulnerable to cellular stresses both in vitro and in vivo [20]. In support of these findings, a
subsequent study demonstrated that forced activation of ER stress could be beneficial to
improve myofiber formation [21]. Treatment of myoblasts with the ER stressors
tunicamycin or thapsigargin leads to increased apoptosis in C2C12 cultures after
induction of differentiation. Interestingly, the remaining myoblasts were resistant to
apoptosis and were able to efficiently differentiate into healthy and functional myotubes
that were morphologically distinct from the untreated cells, further suggesting that ER
stress plays an important role in selectively removing differentiation incompetent
myoblasts during myogenesis [21].
While the ATF6 arm of UPR appears to promote selective apoptosis of myoblasts,
other arms of the UPR also appear to have a role in the regulation of myogenesis. The
PERK/eIF2α arm of the UPR and its downstream targets such as CHOP are transiently
activated in a subset of myoblasts after initiation of the differentiation program [22].
Increased expression of CHOP inhibits myogenic differentiation through repressing the
transcription of MyoD, which could be a mechanism to prevent premature differentiation
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of myoblasts during myogenesis. Interestingly, overexpression of a phosphorylation
resistant mutant of eIF2α (i.e. eIF2αS51A) also causes increase cell death during
myogenesis even though the mechanisms remain unknown [22]. ER stress transducer
IRE1 is an endonuclease, which removes an intron from XBP1 resulting in synthesis of
the potent transcription factor, sXBP1 [5]. Previously, it has been reported that Xbp1 is a
direct target gene of MyoD and myogenin transcription factors, thus, providing an
important link between XBP1 and myogenesis [23]. Recently, XBP1 has been found to
regulate the expression of a large subset of genes in both myoblasts and myotubes
including those involved in maintenance of ER function, growth, and DNA damage and
repair pathways [24]. Overexpression of sXBP1 inhibits the expression of several
markers of myogenesis and leads to formation of smaller myotubes in C2C12 cultures
after their incubation in differentiation medium. Interestingly, XBP1 directly activates the
expression of Mist1 transcription factor, a critical negative regulator of MyoD, which is
essential for myogenesis. Although genetic evidence about the role of XBP1 in skeletal
muscle formation is still missing, these cell culture studies suggest that XBP1 regulates
differentiation of myoblasts into multinucleated myotubes [24].
Myogenesis is also required for the regeneration of skeletal muscle upon injury.
Satellite cells are the adult muscle stem cells that contribute to skeletal muscle repair in
adults. In normal conditions, these cells reside between the sarcolemma and the basal
lamina in a quiescent state. Upon muscle injury, satellite cells get activated, proliferate
and give rise to myoblasts/myocytes which eventually fuse with injured myofibers [25,
26]. While the majority of satellite cells differentiate into the myogenic lineage, a fraction
of them undergo self-renewal and return to quiescent state. The paired box 7 (Pax7)
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transcription factor is essential for self-renewal and maintenance of the myogenic
potential of satellite cells [16, 17]. Our group recently investigate the role of PERK in
satellite cell homeostasis. We generated mice in which PERK was ablated in satellite
cells of adult mice using a tamoxifen-inducible Pax7-Cre line. Surprisingly, we could not
find any significant difference in the number of quiescent satellite cells in skeletal muscle
of control and satellite cell-specific PERK-knockout (i.e. scPERK-KO) mice. We also
found that PERK is required for the survival of satellite cells and regeneration of
myofibers upon injury [27]. Our cell culture studies also showed that deletion of PERK
causes satellite cell death during myogenesis, which could be attributed to precocious
activation of p38 MAPK. Pharmacological inhibition of p38 MAPK prevents cell death
and improves myotube formation in PERK-/- satellite cell cultures and augments the
regeneration of myofibers in scPERK-KO mice [27]. Similar to our study, Zismanov et
al recently reported that PERK and its downstream target eIF2α are constitutively
phosphorylated in quiescent satellite cells and this phosphorylation is reduced upon
activation of the satellite cells [28]. Interestingly, targeted inducible expression of a
phosphorylation resistant mutant of eIF2α (i.e. eIF2αS51A) or deletion of PERK leads to
loss of quiescence in satellite cells, characterized by the increased expression of Myf5
and MyoD. While unable to undergo self-renewal, satellite cells expressing the
eIF2αS51A mutant are capable of undergoing terminal differentiation and subsequent
fusion with myofibers. The study also showed that inhibition of eIF2α dephosphorylation
using small molecule such as Sal003 promotes satellite cell self-renewal ex vivo.
Remarkably, satellite cells treated with Sal003 retain their myogenic capacity when
transplanted in skeletal muscle in vivo [28]. However, the results of this study are
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somewhat contradictory to a previously published where it was found that overexpression
of eIF2αS51A causes cell death and diminishes the differentiation of cultured myoblasts
[22]. This could be attributed due to the different experimental approaches and myogenic
cell types utilized in these two studies [22, 28]. However, it remains unknown whether
the inhibition of PERK dephosphorylation will also promote satellite cell self-renewal
and maintenance of their differentiation potential when transplanted into injured skeletal
muscle. It is notable that in addition to PERK, eIF2α can also be phosphorylated by other
kinases such as double stranded RNA-activated protein kinase R, heme-regulated
inhibitor eIF2α kinase, and general control nonderepressible-2 (GCN2) in different
conditions [29]. Furthermore, PERK also has several eIF2α-independent functions, which
are collectively known to promote cell survival in stress conditions [14, 30-32]. Finally,
the role of the IRE1/XBP1 and the ATF6 arms of the UPR in the regulation of satellite
cell self-renewal, proliferation, and differentiation is yet to be investigated through
molecular and genetic approaches. Nevertheless, these published results suggest that the
UPR plays an important role in the regulation of myogenesis both in vitro and in vivo.

1.4 Skeletal Muscle Atrophy: Skeletal muscle atrophy is a devastating complication
which contributes to both morbidity and mortality [33]. Skeletal muscle mass is
maintained through a delicate balance between the rate of protein synthesis and the rate
of degradation. The ubiquitin-proteasome system (UPS) is a major proteolytic
mechanism in skeletal muscle [34, 35]. Several E3 ubiquitin ligases such as MuRF1,
MAFBx (Atrogin-1), Nedd4.1, TRAF6, and MUSA1 have now been identified which
mediate proteolytic degradation of both thick and thin filament proteins in skeletal
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muscle [33, 36]. The autophagy-lysosomal system (ALS) is another proteolytic
mechanism involved in the degradation of defunct organelles and misfolded proteins
[37]. While inhibition of basal autophagy can lead to myopathy due to the accumulation
of dysfunctional organelles and oxidative stress [38, 39], excessive activation of
autophagy can lead to muscle wasting [33, 40-42].
The activity of the UPS and ALS is regulated through the activation of a number
of signaling pathways such as p38 MAPK, AMP-activated protein kinase (AMPK), and
nuclear factor-kappa B (NF-κB), which function through modulating the activity of
various transcriptional regulators [33, 43]. The IGF-1/PI3K/Akt/mTOR cascade is a
major signaling pathway that increases the rate of protein synthesis in skeletal muscle
[44]. Activation of this pathway also inhibits protein degradation in skeletal muscle [33,
44]. Accumulating evidence also suggests that changes in mitochondrial content,
integrity, and function also play a critical role in the regulation of skeletal muscle mass
[33, 45].

1.5 UPR and Skeletal Muscle Atrophy. Activation of ER stress and the UPR occurs in
skeletal muscle due to exercise, aging, and many other perturbations. However, their role
in the regulation of skeletal muscle mass and function remain poorly understood.
Moreover, in most of the conditions, all the three arms of the UPR are activated making it
difficult to ascertain the contribution of each pathway to skeletal muscle adaptation. To
understand the ER stress independent role of the PERK arm of the UPR in skeletal
muscle, Miyake et al recently generated Fv2E-PERK transgenic (Tg) mice. In this mouse
line, a fusion protein of artificial dimerization domain (Fv2E) and PERK kinase domain
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were overexpressed in skeletal muscle [46]. The Fv2E-PERK Tg mouse serves as a
model for ligand-dependent PERK activation. Interestingly, adult Fv2E-PERK Tg mice
showed reduced body and individual hind limb muscle weight. Accordingly, grip strength
was also significantly reduced in Fv2E-PERK Tg mice compared to littermate control
mice. While Fv2E-PERK Tg mice show signs of muscle atrophy, constitutive activation
of PERK in skeletal muscle leads to increased expression of metabolic and antioxidant
genes. Moreover, PERK stimulates the production of fibroblast growth factor 21
(FGF21), which induces energy expenditure in brown adipose tissue and prevents
adiposity [46]. These findings suggesting that PERK plays due role in skeletal muscle.
While it reduces muscle mass potentially due to inhibition of translation, it also improves
muscle health through augmenting anti-oxidant mechanisms. While the floxed PERK
mice have been generated, the effect of deletion of PERK in skeletal muscle in naïve as
well catabolic conditions has not been yet investigated. Similarly, the role of IRE1 and
ATF6α in skeletal muscle hemostasis using genetic mouse model has to be investigated.
Based on their divergent downstream targets, it will not be surprising that individual arms
of the UPR play distinct role in skeletal muscle in various physiological and pathological
conditions.
The activation of the markers of ER stress and UPR in skeletal muscle has been
studied in multiple atrophy conditions. An earlier study reported no significant changes in
the expression of ER stress proteins such as GRP78, calreticulin, CHOP, vinculin, the
type I D-myo-inositol 1,4,5-trisphosphate receptor, protein kinase R, and eIF2α in
skeletal muscle in response to hind limb unloading, a model of disuse atrophy [47].
However, BiP and CHOP are shown to be increased 14 days after reloading the muscle.
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This effect was more pronounced in the older mice [48]. Furthermore, several markers of
ER stress including CHOP are increased in skeletal muscle in response to denervation
and in the AR113Q mice, an established model of spinal and bulbar muscular atrophy
(SBMA) [49]. Interestingly, deletion of CHOP accentuated muscle atrophy in normal
mice on denervation and in the AR113Q mice. There wasn’t a noticeable difference in
the activity of the UPS; however, autophagy was significantly increased upon deletion of
CHOP in skeletal muscle of both these models. In contrast, inhibition of autophagy
through Beclin-1 haplosufficiency attenuated muscle atrophy in response to denervation
in normal mice and increased the lifespan of AR113Q mice [49]. Although the
mechanisms by which CHOP inhibits autophagy remain unknown, these findings suggest
that downstream of ER stress, the induction of CHOP is a mechanism to prevent
excessive loss of muscle mass in response to denervation and during SBMA. ER stress
and UPR pathways are also activated in SOD1 models of ALS [50, 51]. Interestingly, it
was found that induction of autophagy following XBP1 deletion ameliorated pathology
of SOD1 mice. In this model, autophagy promoted the degradation of mutant SOD1
resulting in the clearance of aggregates [51]. These reports emphasize that the activation
of specific UPR pathways may have differential outcomes on skeletal muscle mass
depending on the underlying condition and muscle wasting stimuli.
ER stress has also been found to be elevated in the skeletal muscle of the elderly,
which could be due to the reduced expression of ER chaperones [52-55]. Anabolic
resistance is considered one of the important mechanisms in age-associated muscle
atrophy. However, a recent study has shown that ER stress may not contribute to ageassociated anabolic resistance in skeletal muscle of mice [52]. Additionally, activation of
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ER stress has been implicated in diaphragm contractile dysfunction in a mouse model of
sepsis [56].
One of the important consequences of ER stress is the induction of autophagy in
skeletal muscle. However, the signaling link between the UPR and autophagy remains
less understood. Protein Kinase C theta (PKCθ) appears to be essential for the induction
of autophagy in response to ER stress [57]. The ER stressors thapsigargin or tunicamycin
strongly activate PKCθ in cultured myoblasts and myotubes. PKCθ activation was
localized to LC3-positive autophagosmes in thapsigargin-treated myotubes. The role of
PKCθ in ER stress-induced autophagy was evident by the findings that inhibition of
PKCθ in vitro prevented ER stress-induced activation of autophagy, but had no effect on
activation of ER stress [57]. In vivo, the lack of PKCθ prevented the activation of
autophagy and skeletal muscle atrophy in response to starvation or immobilization. These
findings suggest that PKCθ functions as an ER stress sensor and is required for the ER
stress-dependent autophagy activation in skeletal muscle [57].
TRAF6 is an E3 ubiquitin ligase, and through association with the dimeric
ubiquitin-conjugating enzyme Ubc13/Uev1A, it catalyzes lysine 63 (K63)-linked
polyubiquitination of several target proteins. TRAF6 functions as a central regulator in
multiple signaling pathways, such as NF-κB, MAPK, and PI3K/Akt, in response to
certain cytokines and microbial products. Targeted deletion of TRAF6 prevents skeletal
muscle wasting in distinct catabolic conditions including starvation, denervation, and
cancer cachexia [58, 59]. TRAF6 appears to be one of the upstream regulators for the
induction of UPR in skeletal muscle, especially in response to starvation. Our studies
have shown that deletion of TRAF6 reduces the levels of multiple markers of ER stress
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such as ATF4, CHOP, GRP94, and GADD34 in skeletal muscle in fasting mice [58].
However, the molecular interactions through which TRAF6 induces ER stress and UPR
pathways in skeletal muscle remain to be investigated.
Taken together, it is now increasingly evident that ER stress and the UPR
pathways are activated in numerous conditions that lead to skeletal muscle atrophy and
depending on the stimulus, it can have positive and negative effects in the regulation of
skeletal muscle mass.

1.6 UPR and Skeletal Muscle Adaptation to Exercise: Exercise training has been
shown to preserve the aerobic fitness of skeletal muscle as well as skeletal muscle
strength. These adaptations can ameliorate metabolic dysfunction and prevent chronic
disease. Aerobic and resistance exercise pose different challenges to skeletal muscle and
elicit different molecular mechanisms in skeletal muscle. Published reports suggest that
exercise activates all three ER stress-responsive UPR pathways [46, 60]. ER stress
markers such as BiP, GRP94, GADD34, ATF4, CHOP, and sXBP1 are induced after one
bout of exhaustive treadmill running [60]. An additional study showed that ER stress
markers p-IRE1, p-PERK, and p-eIF2α are increased in skeletal muscle of mice trained
on a downhill treadmill [61]. However, the mice that had received previous training in the
exercise paradigm, only the ER chaperones BiP and GRP94 were found to be increased
in skeletal muscle, suggesting that the activation of the UPR is a mechanism for skeletal
muscle adaptation after initial exercise training [60]. A similar rapid increase in the
markers of the UPR was observed when rats were subjected to chronic contractile activity
and this increase was attenuated with repeated bouts [62]. Furthermore, increases in ER
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stress markers such as BiP and sXBP1 have been characterized in human muscle biopsies
after a bout of running [63].
The transcriptional coactivator peroxisome proliferator-activated receptor gamma
coactivator-1 alpha (PGC-1α) is a key regulator of mitochondrial biogenesis and
metabolic function [64, 65]. Levels of PGC-1α are induced in skeletal muscle following
an acute exercise bout or prolonged exercise training [66, 67]. Moreover, overexpression
of PGC-1α in the skeletal muscle has been found to improve performance capacity during
voluntary and forced exercise in mice [68]. Interestingly, PGC-1α is necessary for the
activation of the UPR during pharmacologically-induced ER stress and exercise training
[60]. PGC-1α interacts with cleaved ATF6α to induce adaptive UPR in skeletal muscle
after exercise [60]. The role of ATF6α in exercise-induced adaptive response is also
evidenced by the findings that ATF6α null mice fail to efficiently recover from muscle
damage that occurs after acute exercise. While the ATF6α arm of the UPR promotes
skeletal muscle adaptation in response to exercise, some parts of the UPR may also have
detrimental effects on skeletal muscle adaptation and recovery following exercise
training. This is evidenced by the findings that genetic deletion of CHOP improved
exercise tolerance in skeletal muscle specific PGC-1α knockout mice [60]. Although
more studies are needed, it is plausible that the PERK-eIF2α arm of the UPR which also
leads to the induction of CHOP, negatively regulate skeletal muscle homeostasis
following exercise training.
During resistance exercise, skeletal muscle is subjected to a short bout of maximal
contraction. These exercises cause the skeletal muscle to adapt through augmenting
protein synthesis and organelle biogenesis. Synergistic ablation is a model to study
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skeletal muscle hypertrophy, similar to that seen from resistance exercise. In this model,
the gastrocnemius and soleus muscles are partially ablated leaving the plantaris muscle as
the lone hind limb extensor. It has been suggested that a high rate of protein synthesis,
which occurs during muscle hypertrophy, results in ER stress and activation of the
maladaptive UPR. This is characterized by an increase in CHOP and a decrease in IRE1α
at 12 days post-ablation, possibly leading to a decrease in protein synthesis in an attempt
to halt the excessive muscle growth [69]. ER stress has also been examined in humans
following resistance exercise where participants completed a unilateral single bout of
resistance exercise using the knee extensors. The biopsies from these muscles indicated
an increase in the protein levels of GRP78, PERK, and IRE1α 48h post-exercise.
However, the mRNA levels of IRE1α as well as ATF6 where unchanged [70].
Altogether, these studies indicate that moderate exercise initially causes induction
of ER stress and activation of UPR pathways. However, after multiple rounds of training
these markers appear to be diminished, which suggests that the UPR becomes activated to
novel or challenging exercises in skeletal muscle during both, endurance and resistance
exercises. The activation of ER stress leads to some mode of adaption in skeletal muscle
that allows the skeletal muscle to acclimate to the demands of a specific exercise. More
investigations are needed to understand the molecular mechanisms by which ER stressinduced UPR pathways promote skeletal muscle adaptation following exercise.

1.7 Clinical Significance of UPR in Skeletal Muscle Diseases. Myopathy refers to a
systemic clinical disease in which the myofiber’s structure and metabolism are disrupted
leading to varying degrees of weakness and dysfunction, especially in proximal muscles.
Inherited myopathies (e.g. congenital, mitochondrial and metabolic myopathies and
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muscular dystrophy) have an early age of onset with a relatively longer duration and more
severe progression, whereas acquired myopathies (e.g. inflammatory, toxin- or drug-related
myopathies, and myopathies associated with systemic conditions) are relatively less severe
and generally present at a later age. Emerging evidence suggests that ER stress and the UPR
are also activated in various types of myopathies.
Dermatomyositis (DM), polymyositis (PM) and inclusion body myositis (IBM) are
heterogeneous inflammatory myopathies in which myofibers are damaged as a result of the
immune response [71]. IBM is divided into sporadic-IBM (s-IBM) and hereditary-IBM (hIBM). The s-IBM is the most common muscle disease that starts after age 50 years and leads
to severe disability. The h-IBM is characterized by pathologic features that strikingly
resemble those of s-IBM except that skeletal muscle do not involve lymphocyte infiltration.
Upregulation of class I major histocompatibility complex (MHC) in skeletal muscle fibers is a
prominent feature of human inflammatory myopathies. Several studies have shown that the
levels of ER stress markers, such as: calreticulin, GRP75, GRP78, and GRP94, are elevated in
muscle biopsies from human myositis patients and in mouse models of inflammatory
myopathy [72-74]. Moreover, overexpression of mouse class I MHC (H-2K(b)) induces ER
stress in cultured skeletal muscle cells [73]. While IBM involves inflammation in skeletal
muscle, a few studies have indicated that inflammation alone does not cause myositis [75]. A
conditional transgenic line in which class I MHC (H-2K(b)) is overexpressed specifically in
skeletal muscle has been proposed as a mouse model of IBM. Interestingly, ER chaperone
protein GRP78 is increased in the skeletal muscle of these transgenic mice [73]. In a separate
study, mice overexpressing class I MHC (H-2K(b)) were crossed with the immunodeficient
Rag2-/- mice to examine whether the upregulation of ER stress and myopathy are due to the

15

inflammatory response. Interestingly, even in the absence of significant inflammatory cell
infiltrations, myopathic changes, muscle weakness, and elevated levels of ER stress markers
GRP78 and ATF6 were present [76].
Major characteristics of s-IBM are vacuolar muscle fibers, intramuscular fiber
inclusions, and various degrees of mononuclear cell inflammation [77, 78]. Like Alzheimer’s
disease, s-IBM also involves accumulation of amyloid-β (Aβ) and phosphorylated tau proteins
[77, 78]. Interestingly, muscle biopsies from patients with s-IBM indicate that all major ER
chaperones are increased and aggregate with the Aβ proteins in skeletal muscle [79]
suggesting a potential role of ER chaperone proteins in folding and trafficking of Aβ in
skeletal muscle. A more recent study also demonstrated the activation of the UPR in skeletal
muscle of s-IBM patients [80]. In addition to IBM, elevated levels of ER stress-specific
chaperone protein GRP74 have been observed in serum of patients with DM or PM
suggesting that ER stress and activation of the UPR is a common feature in inflammatory
myopathies [81]. While the exact role and mechanisms by which ER stress causes
inflammatory myopathies remain unknown, it may be related to oxidative stress,
mitochondrial dysfunction, and production of inflammatory cytokines [82].
Myasthenia gravis (MG) is an autoimmune neuromuscular disease that causes
weakness in skeletal muscles, especially those that control eye and eyelid movement, facial
expression, chewing, talking, and swallowing. The main cause for this disease is
autoantibodies that block, alter, or destroy the acetylcholine receptors at the neuromuscular
junction leading to impairment in muscle contraction, weakness, and fatigability [83]. It has
been proposed that damage to acetylcholine receptor can induce ER stress in skeletal muscle.
Indeed, elevated levels of GRP74 have been reported in muscle biopsies from patients with
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MG [84]. Moreover, higher binding of autoantibodies to ER chaperone GRP94 has been
found to be associated with a subset of MG patients [85]. ER stress alone may also contribute
to a loss of acetylcholine receptor in skeletal muscle cells. A recent study demonstrated that
the ER stressor tunicamycin stimulates the loss of the acetylcholine receptors in C2C12
myotubes through endocytosis and lysosomal degradation. Moreover, knockdown of XBP1 in
C2C12 myotubes attenuates the degradation of acetylcholine receptor by endocytosis [86]
suggesting that inhibition of ER stress and/or endocytosis can be a potential therapeutic
approach for MG.
Muscular dystrophy is a group of skeletal muscle diseases that involves progressive
degeneration of myofibers, myopathy, and fibrosis. Muscular dystrophy arises due to
mutations in individual genes that encode extracellular matrix proteins, transmembrane and
membrane-associated proteins, cytoplasmic enzymes, and nuclear matrix proteins [87, 88].
Duchenne muscular dystrophy (DMD) is one of the most prevalent forms of muscular
dystrophies that results from total or partial deficiency of dystrophin protein [88].
Pathogenesis of DMD includes an inflammatory response, loss of calcium homeostasis,
hypoxia, and oxidative stress, all of which can cause ER stress [87, 89]. Dystrophin-deficient
mdx mice are widely used as a model to study the pathogenesis of DMD. ER stress markers,
such as: GRP78, PERK, eIF2α, IRE1α, and sXBP1 and caspase-12, are increased in
dystrophic muscle of mdx mice as well as in muscle biopsies from patients with DMD
suggesting that dystrophin-deficiency disrupts ER homeostasis in skeletal muscle [90, 91]. ER
stress specifically activates caspase-12, which leads to the activation of caspase-9 and
caspase-3 to induce apoptosis. Interestingly, genetic ablation of caspase-12 significantly
reduces myofiber degeneration and improves skeletal muscle strength in mdx mice [91].
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Another study recently demonstrated that ER stress inhibitors restore ER-mitochondria links,
mitochondrial Ca2+ uptake, and improve contractility of the diaphragm in mdx mice [92]
further implying that heightened ER stress and UPR pathways contribute to the dystrophic
phenotype.
Myotonic dystrophy (DM1) is an inherited autosomal-dominant muscular dystrophy
caused by an abnormal amount of CTG trinucleotide repeats in the 3’ untranslated region of
the dystrophia myotonica protein kinase (DMPK) gene. The pathogenesis of DM1 involves
conduction defects, myofiber atrophy, and abnormal Ca2+ homeostasis. Ikezoe et al analyzed
the markers of ER stress and the UPR in skeletal muscle of patients with DM1. They reported
a significant increase in the levels of GRP78 and calnexin, and phosphorylation of PERK and
eIF2α in atrophic myofibers of DM1 patients suggesting that enhanced ER stress may
contribute to muscle wasting in DM1 patients [93]. There are also reports suggesting that ER
stress is increased in dysferlin-related and collagen VI-related myopathies [94-96].
Tibial muscular dystrophy (TMD) is an autosomal dominant late-onset distal
myopathy that results from heterogeneous mutations in the last two exons of the Titin gene.
TMD is characterized by myofiber atrophy and weakness in the skeletal muscle of the anterior
compartment of the lower leg [97]. Gene profiling studies provided evidence that ER stress
could be one of the potential reasons for muscle weakness in TMD patients [98]. Altogether,
available literature suggests that ER stress and the UPR could be important players in the
pathogenesis of various types of muscular dystrophy.
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1.8 Concluding Remarks. From the above discussion, it is clear that ER stress and the
UPR are activated in skeletal muscle in multiple conditions. However, because of the
complexity of multiple UPR pathways and several downstream targets, their exact role
remains poorly understood. It is now increasing evident that depending on the underlying
condition, activation of ER stress-induced UPR may produce beneficial or deleterious
effects. It is clear that the UPR plays an important physiological role in skeletal muscle
adaptation in response to acute exercise. Furthermore, low levels of ER stress may be
beneficial in maintaining the pool of satellite cells in adult skeletal muscle for
regenerative myogenesis. While there are several studies suggesting that ER stress and
UPR pathways are perturbed in skeletal muscle in the conditions of atrophy and
hypertrophy, it remains unknown how these pathways regulate skeletal muscle mass.
Consistent with the notion that chronic unresolved stress can lead to inflammation and
cell death, the markers of ER stress have been found to be elevated in skeletal muscle in
models of a number of muscle degenerative diseases. However, it remains unknown
whether the inhibition of ER stress will improve skeletal muscle mass during various
diseases. Altogether, available literature suggests that the modulation of ER stress and
UPR pathways can have therapeutic importance for skeletal muscle in diverse conditions
and disease states. Interestingly, a number of ER stress activators and inhibitors have now
been developed which can potentially be used for skeletal muscle diseases as well.
The current dissertation will examine the effect of inhibiting ER stress using
pharmacological agents on skeletal muscle atrophy during cancer cachexia. In addition
to using pharmacological modulators of ER stress, more specific perturbation using
molecular and genetic approaches is needed to tease out the mechanisms by which the
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components of ER stress and UPR pathways alters skeletal muscle homeostasis. Thus,
this dissertation will also investigate the role of the IRE1/XBP1 arm of the UPR in
regulation of skeletal muscle mass during cancer cachexia using genetic and molecular
approaches. Moreover, this dissertation will investigate the role of the XBP1 transcription
factor in skeletal muscle growth and regeneration in diverse conditions. Our working
hypothesis is that a basal/physiological level of activation of the UPR promotes the
growth and maintenance of skeletal muscle in adult animals. By contrast, chronic
activation of the IRE1α/XBP1 arm of the UPR leads to the loss of skeletal muscle mass,
especially in tumor-bearing mice.
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FIGURE 1.1
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FIGURE 1.1: Schematic representation of the unfolded protein response pathways
in skeletal muscle. Under normal physiological conditions, the PERK, IRE1, and ATF6
proteins are maintained in an inactive state by binding to BiP. Stress in skeletal muscle
caused by aging, disease, exercise, starvation, cachexia, denervation, or high fat diet
causes BiP to disassociate from these proteins and preferentially binds to the misfolded
proteins in the ER lumen. Upon release from BiP, PERK is auto-phosphorylated leading
to a cascade of signals including phosphorylation of eIF2α and translation of ATF4, a
potent transcription factor. Another ER transmembrane sensor, IRE1, also becomes
activated by autophosphorylation during ER stress. Through its endonuclease activity,
IRE1 promotes splicing of a 26-base intron from XBP1 mRNA as well as
phosphorylation of JNK. Lastly, once activated, ATF6 moves from the ER to the Golgi
apparatus to be cleaved by site-1 proteases. The cleaved N-terminal fragment of ATF6 is
then transported to the nucleus where it acts in combination with sXBP1 and ATF4 to
alleviate ER stress by regulating gene expression and protein synthesis. In addition to
regulation of ER related genes, activation of ER stress has been shown to increase
skeletal muscle atrophy by inhibition of protein synthesis through eIF2α, activation of
JNK through IRE1, and potentially through augmenting the expression of components of
UPS and ALS. Activation of ATF6 increases skeletal muscle adaptation by increasing
expression of metabolic genes through interaction with PGC1α. ER stress has also been
linked to insulin resistance through activation of ERK signaling and inhibition of AMPK.
However, specific activation of PERK signaling leads to secretion of FGF21, which is
shown to alleviate insulin resistance.
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FIGURE 1.2
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Figure 1.2 Schematic diagram illustrating the effect of ER stress pathways on
myogenesis. Adult muscle stem cells or satellite cells reside between the sarcolemma and
the basal lamina of mature muscle in a quiescent state and are maintained by
constitutively phosphorylated PERK and phosphorylated eIF2α. Dephosphorylation of
PERK and eIF2α promotes progression and commitment of satellite cells to the myogenic
lineage. Prior to differentiation, myoblasts undergo an apoptotic pruning process
facilitated by ATF6, ensuring that only differentiation-competent myoblasts proceed.
Competent myoblasts differentiate into myocytes; however, CHOP has been found to
inhibit this transition. Myocytes fuse with one another to form multi-nucleated myotubes.
IRE1 and sXBP1 have been shown to disrupt the fusion process, resulting in thin,
unhealthy cells through inhibition of MyoD and Myogenin. Myotubes undergo a
maturation process to form adult myofibers with their own supply of quiescent satellite
cells available for repair of damaged tissue due to injury or disease.
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CHAPTER 2

INHIBITON OF ER STRESS AND UNFOLDED PROTEIN RESPONSE PATHWAYS
CAUSES SKELETAL MUSCLE WASTING DURING CANCER CACHEXIA

2.1 Introduction
Cachexia is a multifactorial syndrome that affects majority of patients with advanced
cancer especially colon, lung, and pancreatic cancer [99]. The syndrome is characterized
by progressive weight loss due to significant loss of skeletal muscle mass with or without
adipose tissue wasting [100]. The occurrence of cachexia is correlated with poor
prognosis and negatively impacts on patient management, tolerance to antineoplastic
therapies and quality of life. Cancer cachexia cannot be reversed by nutritional support
alone [99]. Therefore, the development of therapy for cancer cachexia is critical to
enhance the quality of life and survival of cancer patients [99-101].
Skeletal muscle wasting during cancer cachexia occurs through multiple
mechanisms including an imbalance in the rate of protein synthesis and degradation and
satellite cell dysfunction, which can limit the regeneration of myofibers upon injury [100,
102]. The ubiquitin proteasome system (UPS) is the primary mechanism that causes the
degradation of thin and thick filament proteins in many wasting conditions, including
cancer cachexia [103-105]. Inhibition of the UPS or its specific components have
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been found to attenuate muscle loss in many experimental animal models of chronic
diseases including cancer [104, 106, 107]. The autophagy-lysosomal system (ALS) is
another important mechanism by which many misfolded proteins and defunct organelles
are cleared within the cells. While a basal level of autophagy is critical for skeletal
muscle homeostasis, spurious activation of autophagy can lead to muscle wasting in
many conditions [37]. A recent study has shown that the activation of the ALS
contributes to loss of skeletal muscle mass in models of cancer cachexia [42]. The
activity of these proteolytic systems is regulated by the activation of nuclear factor-kappa
B (NF-κB), 5' AMP-activated protein kinase (AMPK), and p38 MAPK pathways [103105, 108]. In contrast, phosphoinositide 3-kinase (PI3K)/Akt/mammalian target of
rapamycin (mTOR) is the major signaling pathway which increases the rate of protein
synthesis in skeletal muscle in response to growth factors and functional overload [44].
Activation of this pathway also inhibits protein degradation through inhibiting the
activation of the UPS and ALS [44]. In recent years, several inflammatory cytokines and
other host- or tumor-derived factors have been identified which mediate the activation of
various proteolytic systems and inhibits protein synthesis in skeletal muscle in models of
cancer cachexia [109-111]. However, molecular mechanisms which leads to the loss of
muscle mass during cancer cachexia remain less understood.
The endoplasmic reticulum (ER) is a membrane bound organelle that is
responsible for proper folding, processing, and trafficking of proteins within the cell.
Accumulation of misfolded protein in the ER may induce ER stress. To deal with this
stress, cells initiate the unfolding protein response (UPR), which is mediated by three
types of ER-transmembrane protein: inositol-requiring protein 1 (IRE1), RNA-dependent
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protein kinase-like ER eukaryotic translation initiation factor 2 alpha kinase (PERK), and
activating transcription factor 6 (ATF6) [2-4]. When the cell is in an unstressed state,
these proteins are maintained in relatively inactive state by binding to immunoglobulin
heavy chain binding protein/glucose-regulating protein 78 (BiP/GRP78), an important ER
chaperone. In response ER stress, BiP disassociates from these proteins and preferentially
binds to the misfolded proteins in the ER lumen [6]. Upon release from BiP, PERK
autophosphorylates leading to a cascade of signals including phosphorylation of
eukaryotic translation initiation factor 2α (eIF2α) and translation of activating
transcription factor-4 (ATF4), which induces transcription of C/EBP homologous protein
(CHOP) [8, 9]. The PERK/eIF2α axis is also involved in the termination of the UPR
after the stress has been relieved by activation of growth arrest and DNA damageinducible protein (GADD34) [10] which dephosphorylates peIF2α. Upon ER stress,
IRE1 becomes activated by auto-phosphorylation, which promotes splicing of a 26-base
intron from X-box-binding protein 1 (XBP1) mRNA [11]. Spliced XBP1 (sXBP1)
increases ER chaperones and other components to assist in the folding capacity of the ER
[12]. Once activated, ATF6 moves from ER to the Golgi apparatus to be cleaved by site-1
protease (S1P) and site-2 protease (S2P) [13]. The cleaved N-terminal fragment of ATF6
is then transported to the nucleus where it acts in combination with ATF4 and sXBP1 to
increase the levels of proteins that function to alleviate the ER protein folding capacity
[6]. Activation of all three pathways executes ER stress by regulating gene expression
(16, 17). While the primary role of UPR is to restore ER function, the failed recovery
from ER stress leads to UPR-mediated cell death (16, 17). Indeed, the contribution of
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UPR-activated cell death has now been reported in various disease states including
ischemic stroke, multiple sclerosis, and Alzheimer's disease (16-19).
The ER-induced UPR appears to play an important role in myogenesis as
evidenced by the findings that the ATF6 arm of the UPR is activated during myogenic
differentiation. ATF6 mediates selective apoptosis of a subpopulation of myoblasts that
may be vulnerable to cellular stresses. Inhibition of ER stress signaling blocked apoptosis
and myoblast differentiation [20] whereas inducers of ER stress selectively eliminated
vulnerable myoblasts in cultures and the surviving cells more efficiently differentiated
into contracting myofibers [21]. In adult skeletal muscle, increased expression of ER
stress markers such as BiP, GRP94, GADD34, ATF4, CHOP, and sXBP1 has been
observed after one bout of exhaustive treadmill running [60]. The role of ER stress in
exercise-induced muscle adaptation is supported by the findings that recovery from acute
exercise is compromised in ATF6α null mice [60]. Conversely, activation of ER stress is
also linked with inflammation and insulin resistance in skeletal muscle. Attenuation of
ER stress enhances insulin sensitivity, increases glucose uptake, and reduces glucose
concentration in diabetic mice. Recently, ER stress has been observed in myopathies such
as myotonic dystrophy type1 [93], sporadic inclusion body myositis [73, 79], and limbgirdle muscular dystrophy 1C [112]. ER stress has also been found to be induced in
skeletal muscle of aged mice [52]. We have previously reported that the markers of ER
stress and UPR are highly activated in skeletal muscle in response to starvation [58].
However, the role of ER stress in regulation of skeletal muscle mass in catabolic
conditions including cancer cachexia remains largely unknown.
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The major goal of this study was to investigate whether ER stress is activated and
what role it plays in cancer cachexia. To evaluate the role of ER stress we used 4phenylbutanoate (4-PBA), a chemical chaperon, which is known to attenuate ER stress
both in vivo and in vitro [113, 114]. Our results demonstrate that ER stress is highly
activated in skeletal muscle of Lewis lung carcinoma (LLC) and ApcMin/+ models of
cancer cachexia. Our results also demonstrate that 4-PBA hastens the loss of skeletal
muscle mass in the LLC model. More importantly, we have found that the inhibition of
ER stress using 4-PBA causes muscle wasting in naïve mice as well as in cultured
primary myotubes providing initial evidence that ER stress is critical to maintaining
muscle mass in both physiological and pathophysiological conditions.

2.2 Material and Methods
Animals. C57BL/6J and ApcMin/+ mice were originally purchased from Jackson
Laboratories (Bar Harbor, ME, USA), and breeding was maintained at the University of
Louisville animal resource facility. ApcMin/+ mice were killed at the age of 26 wk to study
the activation of markers of ER stress. For the cancer cachexia model, LLC cells (2-3
10E6 cells in 100 ml saline; American Type Culture Collection, Manassas, VA, USA)
were injected subcutaneously into the flanks of 3-mo-old C57BL/6 mice [59]. For the
study of muscle atrophy, the mice were weighed daily and euthanized 18 d after
implantation of LLC cells. In one experiment, the mice were given an injection of 4-PBA
(100 mg/kg body weight, i.p.) daily until the end of the experiment.
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Histology and morphometric analysis. Individual TA and soleus muscles were isolated
from mice, snap frozen in liquid nitrogen, and sectioned with a microtome cryostat. For
the assessment of muscle morphology and to quantify fiber cross-sectional area (CSA),
10-mm-thick transverse sections of TA and soleus muscle were stained with hematoxylin
and eosin (H&E). The sections were examined under an Eclipse TE 2000-U microscope
(Nikon, Tokyo, Japan). Fiber CSA was analyzed in H&E-stained muscle sections using
ImageJ software [National Institutes of Health (NIH), Bethesda, MD, USA]. For each
muscle, the distribution of fiber CSA was calculated by analyzing 220 myofibers.

Muscle fiber-type immunostaining. To determine the composition of different types of
fibers in the soleus muscle of mice, transverse cross sections were made and blocked in
5% goat serum and 2% bovine serum albumin (BSA) for 30 min, followed by incubation
for 1 h with monoclonal antibodies against type I, IIA, and IIB MyHC isoforms using
clone BA-D5, SC-7, and BF-F3, respectively (Developmental Studies Hybridoma Bank,
Iowa City, IA, USA). Secondary antibody used was goat anti-mouse IgG2b conjugated
with Alexa-350, goat anti- mouse IgG1 conjugate with Alexa-568 and goat anti-mouse
IgM conjugated with Alexa-488. Finally, the fluorescence was captured with an Eclipse
TE 2000-U microscope (Nikon), the images were merged, and the percentage of each
type of fibers in whole muscle section was recorded.

Preparation of LLC cell conditioned medium. LLC cells were seeded in 100 mm cell
culture plates in growth medium (DMEM containing 10% fetal bovine serum) at a
density of 5000 cells/cm2. Supplementary growth medium was added to each plate after 2
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d of plating. LLC cell cultures contain a heterogeneous mix of adherent and floating cells.
After 4 d, we removed growth medium, and floating cells were harvested by
centrifugation at 800 g, 5 min. Pelleted cells and 10 ml differentiation medium were
added back to the plate containing the adherent cells. After 24 h, conditioned medium
(CM) was harvested and cleared of cells and debris by centrifugation (800 g, 5 min). The
CM was passed through 0.45 mm filters, and aliquots were frozen in liquid nitrogen for
later use. For myotube treatments, CM was diluted 1:4 with fresh differentiation medium.

Indirect immunofluorescence and analysis of myotube size. Mouse primary myotubes
were prepared according to a published protocol [115]. After treatment with LLC-CM
and/or 4-PBA, the myotubes were fixed with paraformaldehyde and blocked in 1% BSA
in PBS for 1 h and incubated with anti-MF20 (1:250; Developmental Studies Hybridoma
Bank, Iowa City, IA, USA) in blocking solution at 4°C overnight. A brief PBS wash was
applied before incubation with Alexa Fluor 568-conjugated secondary antibody (1:3000;
Thermo Fisher Scientific Life Sciences, Carlsbad, CA, USA) for 1 h at room temperature.
The cultures were washed 3 times for 15 min with PBS followed by incubation with
DAPI (1:5000) for 3 min and subsequent PBS washes. The myotubes were then
visualized at room temperature on an Eclipse TE 2000-U microscope equipped with a
Digital Sight DS-Fi1 camera (Nikon). Images were captured, and the diameter of the
myotubes was measured with ImageJ software (NIH). The myotube diameter was
quantified as follows: 10 fields were chosen randomly, and 10 myotubes were measured
per field. The average diameter per myotube was calculated as the mean of the 3
measurements taken along the length of the myotube.
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Surface sensing of translation assay. Protein synthesis was measured by nonisotope
labeled surface sensing of translation (Sunset), a validated method [116]. Myotubes were
treated with LLC-CM and/or 4-PBA for 12 h, followed by addition of 0.1 mM puromycin
for 30 min. The cells were collected, protein extracts were made, and newly synthesized
protein was detected by Western blot with anti-puromycin (1:1000; EMB Millipore
Darmstadt, Germany) as the primary antibody.

AMPK assay. Enzymatic activity of AMPK in skeletal muscle tissue extracts was
measured with a commercially available kit, according to the protocol suggested by the
manufacturer (MBL International, Woburn, MA, USA).

Total RNA extraction and QRT-PCR assay. RNA isolation and QRT-PCR were
performed by using a published method [59, 117]. In brief, total RNA was extracted from
gastrocnemius (GA) and TA muscles of mice or cultured primary myotubes isolated with
TRIzol reagent (Thermo Fisher Scientific Life Sciences) and an RNeasy Mini Kit
(Qiagen, Valencia, CA, USA) according to the manufacturers’ protocols. First-strand
cDNA for PCR analyses was made with a commercially available kit (Thermo Fisher
Scientific Life Sciences). The quantification of mRNA expression was performed using
the SYBR Green dye (Thermo Fisher Scientific Life Sciences) method on a sequencedetection system (model 7300; Thermo Fisher Scientific Life Sciences). Primers were
designed with Vector NTI software (Thermo Fisher Scientific Life Sciences) and are
available in Appendix 1. Data normalization was accomplished with the endogenous
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control (β-actin), and the normalized values were subjected to a 22DDCt formula to
calculate the fold change between control and experimental groups.

Analysis of sXBP1. To measure the unspliced (u)XBP1 and spliced (s)XBP1, we
prepared cDNA from skeletal muscle of control and LLC cell-bearing mice and subjected
it to a semi-quantitative RT-PCR (QRT-PCR) assay [58]. The sequences of the primers
were 59-TTA CGG GAG AAA ACT CAC GGC-39 (forward) and 59-GGG TCC AAC
TTG TCC AGA ATG C-39 (reverse). The primer’s annealing temperature was 56°C, and
reaction mixtures containing 100 ng of cDNA proceeded for 35 cycles. The PCR
products were run on a 2% agarose gel to identify the presence of uXBP1 and sXBP1
cDNA.

Western blot analysis. Estimation of the presence of various proteins was quantitated by
performing Western blot analysis. TA or GA muscle of mice or primary myotubes were
washed with sterile PBS and homogenized in lysis buffer: 50 mM Tris-Cl (pH 8.0), 200
mM NaCl, 50 mM NaF, 1 mM dithiothreitol, 1 mM sodium orthovanadate, 0.3%
IGEPAL, and protease inhibitors. Approximately 100 mg protein was resolved in each
lane on 10% SDS-polyacrylamide gels, electrotransferred onto nitrocellulose membranes,
and probed with the following antibodies: anti-phospho-eIF2a (1:1000; Cell Signaling
Technology, Danvers, MA, USA), anti- eIF2a (Cell Signaling Technology 1:1000), antiCHOP (1:500; Cell Signaling Technology), anti-GADD34 (1:500; Santa Cruz Biotechnology, Santa Cruz, CA, USA), anti-ATF6 (1:500; Santa Cruz
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Biotechnology), anti-MyHC (1:1000; DSHB), anti-troponin T (1:500; Sigma-Aldrich, St.
Louis, MO, USA), anti-tropomyosin (1:500; Sigma-Aldrich), anti-sarcomeric a-actin
(1:500; Sigma- Aldrich), anti-IRE1a (1:1000; Cell Signaling Technology), anti- sXBP1
(1:1000; Cell Signaling Technology), anti-ubiquitin (1:500; Santa Cruz Biotechnology),
anti-LC3B1/2 (1:500; Cell Signaling Technology), anti-Beclin1 (1:500; Cell Signaling
Technology), anti-p62 (1:500; MBL International), anti-phospho-Akt (Ser473) (1:500;
Cell Signaling Technology), anti-Akt(1:500; Cell Signaling Technology), anti-phosphomTOR (1:500; Cell Signaling Technology), anti-mTOR (1:500; Cell Signaling
Technology), anti-phospho-p70S6K (1:500; Cell Signaling Technology), anti-p70S6K
(1:500; Cell Signaling Technology), anti-phospho- ribosomal protein (rp)S6 (1:500; Cell
Signaling Technology), anti-rpS6 (1:000; Cell Signaling Technology), anti-a-tubulin (1:
1000; Cell Signaling Technology), and anti-GAPDH (1:2000; Cell Signaling
Technology). Antibodies were detected by chemiluminescence. Quantitative estimation
of the bands’ intensity was performed with ImageJ software (NIH).

Grip-strength test. We used a digital grip-strength meter (Columbus Instruments,
Columbus, OH, USA) to measure forelimb or total 4-limb grip strength of mice by
following a known protocol [118]. Mice were acclimatized for 5 min before the gripstrength test began. The mouse was allowed to grab the metal pull bar with the forepaws
and in a separate experiment with all 4 paws. The mouse tail was then gently pulled
backward in the horizontal plane until it could no long grasp the bar. The force at the time
of release was recorded as the peak tension. Each mouse was tested 5 times with a 20–40
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s break between tests. The average peak tension from 3 best attempts normalized against
total body weight was defined as forelimb grip strength.

Statistical analysis. Results are expressed as mean + standard deviation (SD). For
statistical analyses, we used unpaired two-tailed Student’s t-test. A value of P < 0.05 was
considered statistically significant, unless otherwise specified.

2.3 Results
2.3.1 Markers of ER stress are induced in skeletal muscle of mouse models of cancer
cachexia. We first investigated how the expression of ER stress markers is altered in
skeletal muscles of mice in response to cancer growth. There are several mouse models,
but LLC and ApcMin/+ mice are commonly used to study cancer cachexia [103, 105, 108,
119, 120]. C57BL/6 mice were inoculated with 2 x 106 LLC cells in the left flank. The
mice were euthanized 18 d after implantation of LLC cells and right hindlimb muscles
were analyzed. Markers of ER stress were measured by performing QRT-PCR and
Western blot. As shown in Figure 2.1A, mRNA levels of IRE1α, XBP1, ATF6, and DR5
were significantly increased in the GA muscle of LLC-bearing mice. Western blot
analysis showed that levels of phosphorylated eIF2α (p-eIF2α), a downstream
phosphorylation target of PERK, were significantly elevated in skeletal muscle of LLCbearing mice. Moreover, the protein levels of CHOP were significantly increased in
skeletal muscle of LLC- bearing mice (Figure 2.1B, C). In response to ER stress, XBP1
mRNA is spliced by IRE1 to produce a highly active transcription factor that induces
UPR genes [121]. We evaluated the splicing of XBP1 mRNA by performing semi-QRT-
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PCR using primers that detect both unspliced and spliced mRNAs. As shown in Figure
2.1D, there was a considerable increase in levels of sXBP1 in GA muscle of LLC-bearing
mice. We next used an ApcMin/+ genetic mouse model of cancer cachexia to determine
whether the induction of markers of ER stress was limited to a specific type of cancer.
Results showed that mRNA levels of PERK, IRE1a, XBP1, ATF6, GRP78, GRP94,
GADD34, and DR5 were significantly increased in GA muscle of 4-mo-old ApcMin/+
transgenic mice compared to littermate control mice (Figure 2.1E). These results suggest
that ER stress is elevated in skeletal muscle in models of cancer cachexia.

2.3.2 Tumor-derived factors increase markers of ER stress in skeletal muscle.
Although we found increased activation and expression of markers of ER stress in
skeletal muscle of the models of cancer cachexia, it is not clear whether host- or tumorderived factors mediate such activation. To resolve this question, we investigated whether
treatment with LLC-CM can also activate markers of ER stress in cultured myotubes.
Fully differentiated mouse primary myotubes were treated with LLC-CM in a 1:4 ratio
for 24 h, followed by a study of the markers of ER stress. Treatment of myotubes with
LLC-CM significantly increased the mRNA levels of PERK, ATF6, GRP94, GADD34,
CHOP, ATF4, and DR5 measured by the QRT-PCR technique (Figure 2.2A). We also
performed Western blot analysis to determine the levels of phosphorylated eIF2a protein.
This analysis showed that the levels of phosphorylated eIF2a were significantly elevated
in myotubes upon treatment with LLC-CM (Figure 2.2B, C). Moreover, the levels of
CHOP and ATF6 proteins were also significantly increased in myotubes treated with
LLC-CM. By contrast, the levels of GADD34 protein remained comparable between
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control and LLC-CM-treated myotubes (Figure 2.2B). These results suggest that tumorderived factors are responsible for the increased ER stress in skeletal muscle in models of
cancer cachexia.

2.3.3 Inhibition of ER stress diminishes muscle strength in normal and LLC-bearing
mice. Although we observed increased activation of the markers of ER stress in models
of cancer cachexia, it is not known whether ER stress works to promote muscle wasting
or it antagonizes atrophying signals. We next investigated the effect of inhibition of ER
stress in normal and LLC-bearing mice. In several previous studies, 4-PBA has been used
to block ER stress in animal models of various diseases [79, 112]. Mice were given
intraperitoneal injections of 4-PBA (100 mg/kg body weight, i.p.) daily until 18 d after
inoculation of LLC cells. Control mice received only PBS. The average body weight of
LLC cell-bearing mice was significantly lower than that of control mice at 18 d (Figure
2.3A). Treatment with 4-PBA significantly reduced the body weight of normal mice.
Furthermore, there was a trend toward further reduction in average body weight of LLC
cell-bearing mice upon treatment with 4-PBA. We next measured the muscle strength of
these mice using a grip strength meter. As expected, LLC cell-bearing mice displayed a
significant decrease in maximum and average forelimb, as well as total (4 paw) grip
strength compared to control mice (Figure 2.3B–E). Consistent with body weight,
treatment of normal mice with 4-PBA resulted in a significant loss in grip strength.
Indeed, loss of grip strength was comparable between control mice treated with 4-PBA
and untreated LLC cell-bearing mice. Moreover, treatment with 4-PBA further reduced
grip strength in LLC cell-bearing mice.
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We next isolated individual hindlimb muscles and measured their wet weight.
Wet weights of tibialis anterior (TA) and soleus muscle were significantly reduced in 4PBA-treated normal mice; LLC cell-bearing mice; or 4-PBA-treated, LLC cell-bearing
mice compared to control mice treated with vehicle alone (Figure 2.3F, G). Furthermore,
wet weight of the GA muscle was significantly reduced in 4-PBA-treated, LLC-bearing
mice compared to mice in the other 3 groups (Figure 2.3H). We also investigated
whether increased muscle loss in 4-PBA-treated, LLC-bearing mice was due to increase
in tumor growth. We found unexpectedly that treatment with 4-PBA reduced the size of
tumors in mice (Figure 2.3I). These results suggest that inhibition of ER stress in naive
and LLC-bearing mice exaggerates the loss of skeletal muscle mass and strength.

2.3.4 Inhibition of ER stress causes skeletal muscle wasting in normal and LLCbearing mice. Skeletal muscle wasting is characterized by loss of fiber CSA without
having any effect on number of fibers [44]. We next investigated how inhibition of ER
stress using 4-PBA affects fiber CSA in normal and LLC-bearing mice. For this analysis,
we prepared TA and soleus muscle transverse sections and performed H&E staining
followed by quantification of average fiber CSA. This analysis showed that average fiber
CSA of TA (Figure 2.4A, B) and soleus muscle (Figure 2.4C, D) decreased significantly
in LLC-bearing mice compared to control mice confirming a cachectic phenotype in
these mice. Consistent with wet muscle weight, we found that treatment with 4-PBA
alone significantly reduced fiber CSA in both TA and soleus muscle of normal mice.
Moreover, treatment with 4-PBA further reduced average fiber CSA in both these
muscles of LLC-bearing mice (Figure 2.4A–D).
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Studies have shown that skeletal muscle wasting in response to multiple stimuli
including cancer cachexia involves degradation of specific muscle proteins, such as
MyHC fast type [117, 122]. Protein extracts were prepared from GA muscle of mice, and
levels of various thin and thick filament proteins were measured by Western blot
analysis. Levels of MyHC were significantly reduced in skeletal muscle of LLC-bearing
mice and 4-PBA-treated normal or LLC-bearing mice compared with that in normal mice
treated with vehicle alone (Figure 2.4E, F). By contrast, the levels of Troponin,
Tropomyosin, and Sarcomeric a-actin were comparable between all the groups (Figure
2.4E, quantification not shown). Our Western blot analysis also confirmed that the
major markers of ER stress (i.e., p-eIF2, IRE1, sXBP1, and ATF6) were considerably
reduced in skeletal muscle of 4-PBA-treated mice (Figure 2.4G). ATF4 is regulated by
the PERK arm of ER stress [6]. One study has shown that ATF4 is involved in starvationinduced muscle atrophy [123]. By performing QRT-PCR, we measured mRNA levels of
ATF4 and found that the levels of ATF4 were drastically increased in skeletal muscle of
LLC-bearing mice. Treatment with 4-PBA blunted the LLC-induced expression of ATF4
in skeletal muscle of mice. Whether ATF4 has any role in regulation of muscle mass
during cancer growth remains unknown, but inhibition of expression of ATF4 confirms
that 4-PBA effectively inhibits the markers of UPR in skeletal muscle of mice. The
collective results suggest that inhibition of ER stress/UPR pathways causes muscle
wasting in normal mice and produces a more severe cachetic phenotype in LLC-bearing
mice.
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2.3.5 ER stress is necessary for maintaining the oxidative phenotype of skeletal
muscle. Skeletal muscle wasting in many conditions is associated with a slow-to-fast
fiber type transition [124]. There are also several reports suggesting that fast-type
(glycolytic) fibers undergo atrophy at a faster rate than do slow-type (oxidative) fibers
[125]. Induction of cancer cachexia through C-26 tumor cells in mice has been shown to
cause a transition from slow-to-fast type fibers in soleus muscle [126]. To investigate
whether inhibition of ER stress affects the composition of slow- and fast-type fibers in
skeletal muscle, we prepared soleus muscle cross sections and stained them with antimyosin heavy chain (MyHC) types I, IIA, and IIB. Representative images of all 4 groups
are presented in (Figure 2.5A). Consistent with published reports, soleus muscle of
normal mice contained mainly type I and IIA (both oxidative) fibers with almost no type
IIB (glycolytic) fibers. Treatment of mice with 4-PBA alone or inoculation with LLC
cells significantly increased the number of type IIB fibers in soleus muscle of mice.
Moreover, treatment of LLC cell-bearing mice with 4-PBA further increased the proportion of type IIB fibers in soleus muscle (Figure 2.5B). We also investigated whether
the inhibition of ER stress reduces the CSA of type I or IIA fibers or of both. Quantitative
estimation of stained soleus muscle section showed that 4-PBA or inoculation of LLC
alone significantly reduced average CSA of type I and IIA fibers in mice. The
combination of 4-PBA and LLC had no additional effects on the reduction of average
CSA of type I fibers. By contrast, the average CSA of type IIA fibers was significantly
reduced compared to 4-PBA alone or LLC alone (Figure 2.5C). These results suggest
that ER stress/UPR maintains the proportion and size of slow-type fibers in skeletal
muscle.
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2.3.6 Inhibition of ER stress activates proteolytic pathways in skeletal muscle. The
UPS and autophagy are 2 major proteolytic systems that cause degradation of muscle
protein during cancer growth and in many other catabolic conditions [42, 103]. We next
investigated whether inhibition of ER stress affects the activation of these pathways in
skeletal muscle of mice. To understand the overall levels of ubiquitinylation, we prepared
muscle extracts and performed immunoblot analysis with an antibody against ubiquitin.
There was a significant increase in the conjugation of muscle proteins to ubiquitin in LLC
cell-bearing mice. Furthermore, the levels of ubiquitinated proteins were considerably
increased in skeletal muscle of 4-PBA-treated mice compared with those treated with
vehicle alone. Treatment with 4-PBA reduced the levels of ubiquitinated protein in LLCbearing mice (Figure 2.6A). We also measured mRNA levels of the E3 ubiquitin ligases
MAFBx, MuRF1, MUSA1, and TRAF6, which are induced in skeletal muscle and have
been shown to mediate degradation of muscle proteins in multiple catabolic conditions
[44, 58, 103, 127, 128]. Consistent with published reports, there was a significant
increase in the mRNA levels of MAFBx, MuRF1, and TRAF6 in skeletal muscle of LLCbearing mice compared to control mice. In contrast, the mRNA levels of MUSA1 were
reduced in LLC-bearing mice (Figure 2.6B). There was also a trend toward increased
expression of MAFBx in skeletal muscle of mice treated with 4-PBA, although it was not
statistically significant. Transcript levels of MuRF1 remained unchanged, whereas the
levels of TRAF6 and MUSA1 were significantly reduced in skeletal muscle of mice
treated with 4-PBA alone compared to vehicle alone. Treatment with 4-PBA significantly
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reduced the mRNA levels of MAFBx, MuRF1, and TRAF6 in skeletal muscle of LLCbearing mice.
We next measured the markers of autophagy in skeletal muscle of mice in each
group. During autophagy, microtubule-associated protein 1A/1B LC3B-I is converted to
LC3B-II through lipidation, allowing LC3B to become associated with autophagic
vesicles. Furthermore, p62 is a bona fide substrate of autophagy, and its levels are
reduced upon activation of autophagy [37]. Our analysis showed that there was no
significant difference in the ratio of LC3B-II/LC3B-I protein in skeletal muscle of control
and 4-PBA-treated mice. However, the ratio of LC3B-II to -I was significantly higher in
skeletal muscle of LLC-bearing mice and was further increased by treatment with 4-PBA.
We did not find a significant difference in the protein levels of another autophagy-related
protein, Beclin1 (Figure 2.6C, D); however, the levels of p62 protein were significantly
reduced in skeletal muscle of mice treated with 4-PBA alone, LLC alone, or LLC+4PBA, suggesting activation of autophagy in all the 3 groups (Figure 2.6C, D). Our
collective results suggest that inhibition of ER stress leads to the activation of the UPS
and autophagy system in skeletal muscle.

2.3.7 Role of ER stress in the activation of the Akt/mTOR pathway and AMPK in
skeletal muscle. Akt/mTOR is one of the most important signaling pathways that
promote protein synthesis in skeletal muscle. Furthermore, activation of this pathway
inhibits the activity of UPS and ALS in skeletal muscle [44]. We next sought to
determine whether the inhibition of ER stress affects the activity of the Akt/mTOR
pathway in skeletal muscle. There was no significant difference in phosphorylated or
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total levels of Akt in different groups (Figure 2.7A, B). Treatment with 4-PBA
significantly reduced the levels of phosphorylated mTOR, p70S6K, and rpS6 in skeletal
muscle of mice. Levels of phosphorylated p70S6K and rpS6 were also found to be
significantly reduced in LLC-bearing mice, and 4-PBA further reduced the levels of
phosphorylated rpS6 protein. AMPK is an important signaling protein that induces the
activity of proteolytic pathways and inhibits protein synthesis through negatively
regulating mTOR [44]. Using a commercially available AMPK activity assays kit, we
measured the enzymatic activity of AMPK in skeletal muscle of mice in all 4 groups. We
found that the activity of AMPK increased significantly in skeletal muscle of mice in the
4-PBA alone, LLC, or LLC+4-PBA groups, compared to the mice treated with vehicle
alone (Figure 2.7C).

2.3.8 Inhibition of ER stress causes atrophy in cultured primary myotubes. LLC-CM
has been shown to induce atrophy in cultured myotubes [105]. To further understand the
role of ER stress and tumor-derived factors in induction of atrophy, we treated primary
myotubes with 4-PBA (5 mM), with or without LLC-CM (1:4 ratio), for 24 h. Results
showed that treatment with 4-PBA alone or LLC-CM caused a significant reduction in
myotube diameter. Loss of myotube diameter was further increased by combination of 4PBA and LLC-CM (Figure 2.8A, B). By performing Western blot analysis, we
confirmed that the markers of ER stress/UPR, such as phosphorylation of eIF2a and
levels of sXBP1 and total XBP1 are reduced upon treatment of myotubes with 4-PBA
(Figure 2.8C). We also measured the mRNA levels of some of the markers of UPS and
autophagy at 12 and 24 h after treatment of myotubes with 4-PBA and LLC-CM. The
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mRNA levels of MuRF1, MAFBx, MUSA1, TRAF6, LC3B, and Beclin1 were
significantly increased at 12 h after treatment of myotubes with 4-PBA (Figure 2.8D).
Levels of MAFBx, MUSA1, TRAF6, and LC3B (but not MuRF1 and Beclin1) remained
significantly elevated at 24 h after start of 4-PBA treatment. LLC-CM alone significantly
increased the mRNA of only Beclin1 after 12 h of treatment. However, at 24 h, the
mRNA levels of MuRF1, MAFBx, and LC3B were significantly higher in the myotubes
treated with LLC-CM compared with the control cultures. We found that 4-PBA
significantly reduced the mRNA levels of MuRF1 in LLC-CM-treated myotubes without
having a significant effect on the mRNA levels of MAFBx, TRAF6, and LC3B at 12 or
24 h. We also measured the rate of protein synthesis in cultured myotubes using the
Sunset assay. As shown in Fig. 8E, treatment with 4-PBA for 12 h considerably reduced
the rate of protein synthesis in cultured myotubes. Studies have shown that the addition
of LLC-CM initially increases protein synthesis, potentially to counter atrophy signals,
whereas long-term (48 h) treatment inhibits protein synthesis in myotubes [129]. We
found a modest up-regulation in protein synthesis by treatment of myotubes with LLCCM. However, 4-PBA reduced the LLC-CM-induced protein synthesis in cultured
myotubes. We also measured the phosphorylation of Akt, mTOR, and rpS6 proteins. As
shown in Figure 2.8F, treatment with 4-PBA increased the phosphorylation of Akt but
reduced the levels of phosphorylated mTOR and rpS6 proteins in myotubes. Consistent
with protein synthesis, LLC-CM increased the activation of mTOR and rpS6 in myotubes
within 12 h, which was blunted by treatment with 4-PBA. The collective results suggest
that the inhibition of ER stress causes atrophy in cultured myotubes potentially through
perturbing the activity of various proteolytic pathways and suppressing protein synthesis.
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2.4 Discussion
Recent studies have shown that ER stress and UPR pathways get activated in skeletal
muscle in response to both physiologic and pathologic stimuli [130]. With the exception
of a study in which the role of the ATF6 arm of UPR in an acute exercise-induced
adaptive response was investigated [60], there has been no published report investigating
the direct role of ER stress in regulation of skeletal muscle mass in adult animals. In this
study, many markers of ER stress were significantly increased in skeletal muscle of 2
mouse models of cancer cachexia (Figure 2.1). 4-PBA effectively inhibits ER stress and
is one of the most commonly used agents to block all 3 arms of UPR in different
conditions [113, 114], and we therefore used this chemical chaperon to identify the
potential role of ER stress in regulation of skeletal muscle in both naive conditions and
the LLC model of cancer cachexia. We found that inhibition of ER stress through
prolonged administration of 4-PBA caused loss of skeletal muscle mass and strength in
adult animals (Figures 2.3&4). Our study also provided initial evidence that the
activation of ER stress and the UPR may be an important mechanism for preventing
additional loss of skeletal muscle mass during cancer cachexia. These findings are
consistent with the presumption that the main role of UPR is to restore ER function and
hence improve proper protein folding in stress conditions [5, 6]. The requirement of
individual UPR pathways in homeostasis is evident by the findings that genetic ablation
of PERK, IRE1 or ATF6 causes growth retardation, pancreatic dysfunction, and
embryonic lethality in mice [12, 131-133]. Therefore, inhibition of ER stress-induced
UPR may disrupt homeostasis, which eventually results in loss of skeletal muscle mass.
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Alternatively, it is possible that the components of UPR pathways engage in cross-talk
with other signaling pathways that are important for the acquisition and maintenance of
skeletal muscle mass. Indeed, our results demonstrate that the inhibition of ER stress
using 4-PBA inhibits the phosphorylation of mTOR and its downstream phosphorylation
targets in skeletal muscle both in vivo and in vitro (Figures 2.7A, B, and 2.8E).
Although we observed increased expression of the markers of ER stress in
skeletal muscle of mouse models of cancer cachexia, it remains unknown whether
increased ER stress is a common phenomenon in atrophying skeletal muscle in all
catabolic conditions. Another report has suggested that the markers of ER stress are not
altered during unloading-induced skeletal muscle atrophy [47]. The prototypical markers
of ER stress and UPR in skeletal muscle are induced during starvation-induced skeletal
muscle atrophy [58]. The increased expression of markers of ER stress in atrophying
skeletal muscle during cancer (Figures 2.1, 2.2) and starvation [58] suggests that ER
stress is associated with the regulation of skeletal muscle mass in certain conditions,
especially those that involve chronic inflammation and metabolic perturbations. Indeed,
there are reports suggesting increased ER stress in muscle diseases such as myositis,
which involves chronic inflammation, swelling, and weakness of skeletal muscle [73,
79]. Increased expression of ER stress markers has also been observed in the myopathy
associated with myasthenia gravis [84, 130].
Prolonged activation and unresolved ER stress can lead to many pathologic
conditions in different tissues, including skeletal muscle. For example, activation of ER
stress has been associated with development of insulin resistance in skeletal muscle
[134]. Indeed, we have reported that treatment with tunicamycin or thapsigargin, the
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inducers of ER stress, significantly increases the transcript levels of the components of
UPS (e.g., MAFBx and MuRF1) and autophagy (e.g., LC3B and Beclin1) and represses
expression of MyHC in cultured myotubes [58]. Compared to the UPS and autophagy
markers, tunicamycin or thapsigargin caused a dramatic increase in the markers of ER
stress, suggesting that very high levels of ER stress can initiate the atrophy program
leading to loss of skeletal muscle mass [58]. However, it is also possible that a small (in
physiologic range) elevation of ER stress-associated UPR protects cells from undergoing
further damage. Indeed, our results in this study demonstrate that activation of ER
stress/UPR in skeletal muscle preserves skeletal muscle mass and strength. Treatment of
LLC cell-bearing mice with 4-PBA led to a further reduction in both muscle strength and
weight (Figure 2.3). Similar results were obtained when cultured myotubes were treated
with a combination of LLC-CM and 4-PBA (Figure 2.8A, B). Inhibition of ER stress
using 4-PBA resulted in lower tumor weight in mice (Figure 2.3I), suggesting that the
additional loss of muscle mass with administration of 4-PBA in LLC cell-implanted mice
is not caused by the additional growth of the tumor. These results further emphasize the
protective role of ER stress and UPR in tumor-induced muscle wasting.
Skeletal muscle atrophy is also associated with a change in expression of myosin
isoforms. Specifically, cancer growth has been shown to cause a shift toward type IIB
muscle fibers in the soleus muscle [126]. Our results confirm a slow-to-fast fiber type
transition in soleus muscle of LLC-bearing mice (Figure 2.5). We found that treatment
with 4- PBA also causes a slow-to-fast fiber type transition in the naive conditions and
leads to an even higher number of type IIB fibers in soleus muscle of LLC-bearing mice
(Figure 2.5). Although the underpinning mechanisms remain unknown, these results
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suggest that ER stress plays an important role in maintenance of oxidative fibers in
skeletal muscle in vivo.
Activation of the UPS and ALS has been observed in numerous catabolic states
[37, 103, 107]. It has been observed that E3 ubiquitin ligases such as MuRF1, MAFBx,
MUSA1, and TRAF6 are necessary in catalyzing the conjugation of ubiquitin to target
protein [44, 59, 103, 127]. Once the protein is tagged with ubiquitin chains, they are
subjected to degradation in the proteasome [103]. As expected, implantation of LLC cells
in mice resulted in an increase in the levels of ubiquitinated proteins (Figure 2.6A) and
significantly higher expression of MAFBx, MuRF1, and TRAF6. We found that the
levels of MUSA1 were significantly reduced in skeletal muscle of LLC cell-bearing mice
(Figure 2.6B). Treatment of wild- type mice with 4-PBA alone also increased the levels
of ubiquitinated proteins (Figure 2.6A). Although statistical significance could not be
achieved with the number of animals used in each group, there was a trend toward
increased mRNA levels of MAFBx and MuRF1 in skeletal muscle of mice treated with 4PBA (Figure 2.6B). By contrast, the levels of MUSA1 and TRAF6 were significantly
reduced in skeletal muscle of mice treated with 4-PBA alone (Figure 2.6B). Treatment
with 4-PBA reduced the levels of ubiquitinated proteins (Figure 2.6A) and mRNA levels
of MAFBx, MuRF1, and TRAF6 (Figure 2.6B) in LLC-implanted mice. Myotubes
treated with LLC-CM and 4-PBA exhibited similar inhibition in MAFBx and MuRF1
(Figure 2.8C). These results indicate that the inhibition of ER stress perturbs homeostasis
in skeletal muscle in naive conditions, leading to enhanced protein degradation,
potentially through UPS. It is also possible that some components of ER stress are
involved in the activation of UPS in tumor-bearing animals and the inhibition of ER

48

stress/UPR attenuates the activity of UPS in tumor-bearing mice. However, more severe
muscle atrophy in LLC cell-bearing mice upon treatment with 4-PBA indicates that, even
though the UPS is inhibited, other catabolic mechanisms may get activated, resulting in
overall higher loss of skeletal muscle mass. One such mechanism appears to be the
activation of autophagy. The markers of autophagy are increased in skeletal muscle of
normal mice treated with 4-PBA alone or in LLC-bearing mice. Although 4-PBA reduced
the levels of ubiquitinated proteins, it did not inhibit the markers of autophagy in LLC
cell-bearing mice (Figure 2.6C, D).
Although we observed muscle atrophy and increased levels of polyubiquitinated
proteins, we found no significant increase in the mRNA levels of MAFBx, MuRF1,
TRAF6, or MUSA1 in skeletal muscle of 4-PBA-treated mice. We cannot rule out the
possibility that the inhibition of physiologic ER stress leads to the increased activity of
some other E2 and E3 enzymes of the UPS leading to elevated levels of polyubiquitinated
proteins in skeletal muscle. Moreover, it is possible that continued inhibition of some E3
ubiquitin ligases, such as MUSA1 and TRAF6, as observed in 4-PBA-treated mice
(Figure 2.6B) upregulates other E3 ligases in skeletal muscle as a part of a compensatory
mechanism. In fact, a few recently published reports demonstrate that proteasome activity
is significantly increased in the MuRF1 knockout mice compared to that in control mice
in 14 d denervated muscle or during aging, even though muscle atrophy is significantly
rescued in MuRF1 knockout mice [135, 136]. There is also a possibility that the
expression of some of these E3 ubiquitin ligases is increased at an early time point after
treatment of mice with 4-PBA. This hypothesis is partly supported by our results
demonstrating that 4-PBA significantly increased the levels of MAFBx, MuRF1, TRAF6,
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and MUSA1 within 12 h (Figure 2.8D). Nevertheless, the results presented in this study
suggest that ER stress/UPR pathways differentially regulate polyubiquitination and the
expression of various E3 ubiquitin ligases in skeletal muscle in naive and cachectic
conditions.
Another potential mechanism by which inhibition of ER stress causes muscle
atrophy is through inhibition of the mTOR signaling pathway. Akt is known to regulate
skeletal muscle hypertrophy through phosphorylation and activation of downstream
targets, such as mTOR and rpS6, leading to increased protein synthesis [137]. Although
Akt is an upstream activator in response to growth factors, mTOR can also be activated
through Akt-independent mechanisms [138]. Our results suggest that although
phosphorylation of Akt was not much affected, the phosphorylation of mTOR, p70S6K,
and rpS6 kinase was significantly reduced in LLC cell-bearing mice (Figure 2.7A, B).
Similar to the muscle atrophy phenotype, we found that 4-PBA further reduced the
phosphorylation of mTOR, p70S6K, and rpS6 protein in normal and LLC-bearing mice
(Figure 2.7A, B). AMPK, a highly conserved heterotrimeric kinase complex composed
of a catalytic (a) subunit and 2 regulatory (b and g) subunits, is activated under conditions
of energy stress when intracellular ATP levels decline and intracellular AMP increases,
as occurs during nutrient deprivation, hypoxia, and physical exercise [139].
Accumulating evidence suggests that mTOR and AMPK represent 2 antagonistic forces
governing muscle adaptation in response to different stimuli. Specifically, activation of
AMPK inhibits mTOR in skeletal muscle, leading to reduced protein synthesis and
increased activation of proteolytic pathways [40]. Our analysis showed that the activity of
AMPK is significantly increased in skeletal muscle of mice treated with 4-PBA, LLC
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cells, or the combination of LLC cells and 4-PBA (Figure 2.7C). Although the exact
mechanisms by which inhibition of ER stress increases the activation of AMPK and
inhibits mTOR remain unknown, interplay between AMPK and mTOR through the
components of UPR could be an important mechanism of the regulation of muscle mass
in the naive and catabolic states.
We also found that treatment with 4-PBA drastically reduced protein synthesis in
cultured myotubes (Figure 2.8E). Furthermore, 4-PBA significantly reduced the
phosphorylation of mTOR and rpS6 protein in cultured myotubes (Figure 2.8F).
However, when treated with LLC-CM alone, protein synthesis and phosphorylation of
mTOR and rpS6 protein were increased (Figure 2.8E, F), perhaps because of the short
time (12 h) during which the myotubes were subjected to the LLC CM. The myotubes
could have been attempting to rescue the atrophy after addition of LLC CM. However,
treatment with 4-PBA reduced LLC CM-induced protein synthesis and phosphorylation
of mTOR and rpS6 protein in cultured myotubes. Taken together, these results further
support a physiologic role of ER stress in promoting activation of the mTOR pathway
and protein synthesis in skeletal muscle.
One caveat of the present study is that we used 4-PBA to block ER stress and
UPR pathways in vivo. Although 4-PBA is one of the most commonly used inhibitors of
ER stress, prolonged use can influence other metabolic pathways in addition to inhibition
of ER stress. 4-PBA is classically used as a treatment for urea cycle disorders. This
compound also acts as a histone deacetylase (HDAC) inhibitor [140]. A recent study has
demonstrated that 4-PBA increases the expression of glucose transporter-4 through
inhibiting histone deacetylase 5, leading to increased glucose metabolism in cultured
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C2C12 myotubes [141]. HDAC inhibitors are also known to suppress tumor growth
[142], which could account for the decrease in overall LLC tumor size after chronic
treatment with 4-PBA (Figure 2.3). Moreover, HDAC inhibitors have recently been
investigated as a potential treatment for loss of skeletal muscle mass during aging [143].
Certainly, further investigation is needed to determine whether 4-PBA causes muscle
wasting in mice mainly through inhibition of ER stress/UPR or also through perturbation
of other pathways including those involved in the regulation of metabolism.
In summary, our results suggest that the ER stress-induced UPR is essential for
maintenance of skeletal muscle mass and strength in both naive and tumor-bearing mice.
Although the exact roles remain enigmatic, it is possible that different arms of the UPR
provide different signaling outcomes in skeletal muscle. Moreover, different parts of the
UPR may play distinct roles in naive and catabolic states, including cancer cachexia. It is
also possible that an alteration in a specific arm of UPR would be beneficial to the
muscle, even in catabolic states. Future research using genetic mouse models will tease
out whether distinct mechanisms are used by different arms of UPR to regulate skeletal
muscle mass in the conditions of muscle hypertrophy, atrophy, and disease. Because of
the complexity of ER stress/UPR and its many targets, a better understanding of its
regulatory role is of significant clinical importance for developing new therapeutic
strategies for treatment of various skeletal muscle disorders.
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FIGURE 2.1

53

FIGURE 2.1 Activation of ER stress in mouse models of cancer cachexia. LLC cells
were implanted in the left flank of wild-type mice, and tumor growth was monitored.
Right hindlimb muscles were isolated and used to measure the levels of various markers
of ER stress. (A) Relative mRNA levels of PERK, IRE1α, XBP1, ATF6, GRP78,
GRP94, GADD34, and DR5 in GA muscle of control and LLC-bearing mice. (B)
Western blot analysis of levels of phosphorylated and total eIF2α and total CHOP and of
total GADD34 protein in GA muscle of control and LLC-bearing mice. (C) Densitometry
quantification of phosphorylated vs. total eIF2α ratio and CHOP in GA muscle of control
and LLC-bearing mice. (D) Spliced (s)XBP1 and unspliced (u)XBP1 levels in control
and LLC-bearing mice measured by semiquantitative RT-PCR assay using primers that
detected both sXBP1 and uXBP1. Black vertical lines in gel images indicate that
intervening lanes have been spliced out. (E) Relative mRNA levels of PERK, IRE1α,
XBP1, ATF6, GRP78, GRP94, GADD34, and DR5 in GA muscle of 4-mo-old control
and ApcMin/+ mice measured by QRT-PCR. Error bars represent SD (n = 4/group); *P <
0.05, vs. control mice.
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FIGURE 2.2

FIGURE 2.2: Activation of UPR markers in cultured myotubes treated with LLCCM. Primary myotubes prepared from WT mice were treated with LLC-CM in a 1:4
ratio for 24 h and processed for a QRT-PCR assay or Western blot analysis. (A) Relative
mRNA levels of PERK, ATF6, GRP94, GADD34, CHOP, ATF4, and DR5 in control
and LLC-CM-treated myotubes. (B) Immunoblots demonstrate the levels of
phosphorylated and total eIF2α and ATF6, CHOP, and GADD34 protein in control and
LLC-CM-treated myotubes. (C) Densitometry quantification of phosphorylated vs. total
p-eIF2α and total ATF6 and CHOP in control and LLC-CM-treated myotubes (n =
3/group). Error bars represent SD; *P < 0.05, vs. control cultures.
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FIGURE 2.3

FIGURE 2.3: ER stress inhibitor 4-PBA causes loss of muscle strength and mass in
naıve conditions and in LLC-bearing mice. C57BL6 12-wk-old mice were inoculated
with 2x3 106 LLC cells in the left flank. They were also treated daily with 4-PBA (100
mg/kg body weight, i.p.). After 18 d, muscle strength, body weight, and wet muscle mass
were measured. (A) Average body weight of mice in each group. (B, C) Maximum (B)
and average (C) forelimb grip strength of mice in each group. (D, E) Maximum (D) and
average (E) total 4-paw grip strength of mice in each group. F–H) Average wet weight of
isolated soleus (F), TA (G), and GA (H) muscle in each group. (I) Wet weight of tumor
after 18 d of inoculation with LLC in vehicle alone or 4-PBA-treated mice (n = 5/group).
Error bars represent SD; *P < 0.05, vs. control mice; #P < 0.05, vs. LLC cell-inoculated
mice.
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FIGURE 2.4
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FIGURE 2.4: Inhibition of ER stress by 4-PBA exacerbates skeletal muscle atrophy
in control and LLC-bearing mice. (A) Representative photomicrographs of H&Estained sections of mouse TA muscle. Scale bar, 10 mm. (B) Quantification of average
fiber CSA of TA muscle in control and LLC-bearing mice, with or without 4-PBA
treatment. (C) Representative photomicrographs of H&E-stained sections of soleus
muscle. Scale bar, 10 mm. (D) Quantification of average fiber CSA of soleus muscle in
control and LLC-bearing mice, with or without 4-PBA treatment. (E) GA muscle of
vehicle, 4-PBA, LLC, and LLC+4-PBA mice were processed for Western blot analysis to
detect levels of specific muscle proteins. Representative immunoblots demonstrate the
levels of MyHC, Troponin, Tropomyosin, Sarcomeric a-actin, and unrelated protein atubulin. (F) Densitometry quantification of MyHC. (G) Representative immunoblots
demonstrate that the levels of phosphorylated and total eIF2a, total IRE1, total sXBP1,
and ATF6 were reduced by treatment with 4-PBA, confirming suppression of ER stress.
H ) Transcript levels of ATF4 in GA muscle of vehicle, 4-PBA alone, LLC alone, and
LLC+4-PBA groups measured by performing QRT-PCR assay. Black vertical lines in
immunoblots indicate that intervening lanes have been spliced out (n = 5/group). Error
bars represent SD; *P < 0.05, vs. mice treated with vehicle alone; #P < 0.05 vs. LLCinoculated mice.
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FIGURE 2.5
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FIGURE 2.5: Blocking ER stress increases the proportion of fast-type fibers in
normal and LLC-bearing mice. Soleus muscle sections prepared from vehicle, 4-PBA,
LLC, and LLC+4-PBA mice were subjected to triple immunostaining against MyHC I,
IIA, and IIB protein. (A) Representative photomicrographs of triple-stained sections of
soleus muscle. Scale bar, 50 mm. (B) Quantification of the percentage of each fiber type
in different groups. (C) Average CSA of type I and IIA fibers in soleus muscle of mice in
each group (n = 5 in each group). Error bars represent SD; *P < 0.05, vs. control mice; #P
< 0.05, vs. LLC-inoculated mice.
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FIGURE 2.6
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FIGURE 2.6: The effect of 4-PBA treatment on the activation of ubiquitin
proteasome system and autophagy. GA muscle of vehicle, 4-PBA, LLC, and LLC+4PBA mice were processed for Western blot and QRT-PCR analyses. (A) Representative
immunoblots demonstrate the levels of ubiquitinated proteins in GA muscle of mice in
each group. (B) Relative mRNA levels of MAFBx, MuRF1, MUSA1, and TRAF6 in GA
muscle measured by performing QRT-PCR assay. (C) Representative immunoblots
demonstrates the levels of LC3B-I and -II, Beclin1, p62, and the unrelated protein
GAPDH in GA muscle of mice. (D) Densitometry quantification of the ratio of LC3B-II
vs. LC3B-I and total levels of Beclin1, and p62. Black vertical lines in immunoblots
indicate that intervening lanes have been spliced out (n = 4/group). Error bars represent
SD. *P < 0.05, vs. control mice; #P < 0.05, vs. LLC inoculated mice.
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FIGURE 2.7
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FIGURE 2.7: Effects of 4-PBA on activation of Akt/mTOR and AMPK signaling
pathways in skeletal muscle of normal and LLC- bearing mice. GA muscle of
vehicle-, 4-PBA-, LLC-, and LLC+4-PBA-treated mice were processed by Western blot
analysis. (A) Representative immunoblots demonstrate the levels of phosphorylated and
total Akt, mTOR, p70S6 kinase (p70S6K), rpS6, and the unrelated protein a-tubulin.
Black vertical lines indicate that intervening lanes have been spliced out. (B)
Quantification of phosphorylated and total Akt, mTOR, p70S6K, and rpS6 levels after
normalizing with a-tubulin in GA muscle of vehicle-, 4-PBA-, LLC-, and LLC+4-PBAmice. (C) Fold change in enzymatic activity of AMPK in GA muscle of vehicle-, 4-PBA, LLC-, and LLC+4- PBA-treated mice measured with a commercially available kit (n =
4/group). Error bars represent SD; *P < 0.05, vs. control mice; #P < 0.05, vs. LLCinoculated mice.
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FIGURE 2.8
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FIGURE 2.8: Inhibition of ER stress causes atrophy in cultured primary myotubes.
Differentiated myotubes were treated with vehicle alone, 4-PBA (5 mM), LLC-CM (1:4
ratio), or LLC-CM+4-PBA for 24 h. (A) Representative photomicrographs of myotubes
in each group taken at 24 h. Scale bar, 10 mm. (B) Average myotube diameter in each
group. (C) Immunoblots demonstrate the levels of phosphorylated and total eIF2α,
sXBP1, and tXBP1 in cultured myotubes after treatment with 4-PBA (5 mM) for 24 h.
(D) Relative mRNA levels of the E3 ubiquitin ligases MuRF1, MAFBx, MUSA1, and
TRAF6 and the autophagy marker LC3B and Beclin1 in vehicle, 4-PBA, LLC-CM, or
LLC-CM+4-PBA-treated myotubes measured after 12 and 24 h. (E) Representative
immunoblot (top) from the Sunset assay demonstrating relative amounts of newly
synthesized protein in each condition. Equal loading of protein in each lane was
confirmed by staining nitrocellulose membrane with Ponceau S dye (bottom). (F)
Immunoblots demonstrate the levels of phosphorylated and total Akt, mTOR, and rpS6
after 12 h in the indicated groups (n = 3/group). Error bars represent SD; *P < 0.05, vs.
control cultures; #P < 0.05, vs. LLC-CM- treated myotube cultures at corresponding time
points.

66

CHAPTER 3

TLRS-MYD88-XBP1 AXIS MEDIATES SKELETAL MUSCLE WASTING IN
CANCER-ASSOCIATED CACHEXIA

3.1 Introduction. Cancer cachexia is a devastating syndrome that is characterized by the
progressive loss of skeletal muscle mass and strength. Cachexia afflicts a vast majority of
cancer patients and is responsible for about 30% of all cancer-related deaths [144]. In
addition to the deterioration in quality of life, patients with cachexia show intolerance to
chemotherapy and other anti-neoplastic treatments [101]. It is now evidenced that
increased protein degradation due to stimulation of the ubiquitin-proteasome system
(UPS) and autophagy are prominent mechanisms for skeletal muscle wasting in many
catabolic states, including cancer [42, 103, 145]. Moreover, a systemic inflammatory
response, which is triggered by factors generated by either the tumor or non-tumor cells,
also plays an important role in skeletal muscle weakness in cancer-induced cachexia
[100]. While a number of drugs have been tested in clinical trials, none of them showed a
significant impact on the quality of life or weight gain emphasizing that a better
understanding of molecular mechanisms is paramount for the development of effective
therapies to preserve muscle mass in cancer patients [146, 147].
Proinflammatory cytokines are important mediators of skeletal muscle wasting in many
chronic disease states, including cancer [100, 144]. Furthermore, cancer cells generate
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danger-associated molecular patterns (DAMPs), as well as heat-shock proteins (Hsp), that
stimulate muscle proteolysis through binding of the toll-like receptors (TLRs) [100, 148].
Indeed, recent studies have suggested that the genetic deletion of TLR4 inhibits skeletal
muscle wasting in response to microbial products, as well as in a model of cancer
cachexia [149, 150]. Myeloid differentiation primary response gene 88 (MyD88) is the
key adaptor protein for the interleukin-1 (IL-1) receptor and TLR-mediated activation of
downstream signaling pathways [151-153]. Accumulating evidence suggests that MyD88
plays an important role in the regulation of skeletal muscle mass in diverse conditions.
We recently reported that MyD88 promotes myoblast fusion in a cell-autonomous
manner during post-natal muscle growth and overload-induced hypertrophy [154]. By
contrast, activation of TLRs and MyD88 promotes inflammation, leading to a worsening
of muscle pathology in animal models of muscular dystrophy [155]. However, the role
and mechanisms by which MyD88 regulates skeletal muscle mass in cancer-induced
cachexia remains to be investigated.
The endoplasmic reticulum (ER) is a major site for the synthesis and proper
folding, and maturation of cellular proteins in the mammalian cells. The ER also plays a
critical role in the regulation of calcium levels in the cell. Accumulation of
misfolded/unfolded proteins or disruption in calcium levels leads to stress in the ER. This
stress is resolved through the activation of a signaling network commonly referred to as
the unfolded protein response (UPR). The UPR is initiated by three ER transmembrane
sensors: RNA-dependent protein kinase-like ER eukaryotic translation initiation factor 2
alpha kinase (PERK), inositol-requiring protein 1α (IRE1α), and activating transcription
factor 6 (ATF6) [5-7]. In conditions of ER stress, PERK undergoes oligomerization and
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auto-phosphorylation leading to its activation. PERK phosphorylates eukaryotic
translation initiation factor 2 (eIF2α), which represses general translation while
selectively augmenting the translation of ATF4 and gene expression of stress-responsive
genes, such as C/EBP homologous protein (CHOP) and BiP [7-9]. Similar to PERK,
IRE1α is also activated through auto-phosphorylation. IRE1α possesses endonuclease
activity that facilitates the splicing of a 26-base intron from X-box-binding protein 1
(XBP1) mRNA [11]. Spliced XBP1 (sXBP1) acts as a potent transcription factor to
induce the gene expression of several ER chaperones involved in protein folding or ERassociated protein degradation [12]. Chronic ER stress also stimulates IRE1α kinase
activity, leading to the activation of c-Jun N-terminal kinase (JNK) and nuclear factorkappa B (NF-κB) pathways [7]. Finally, in stress conditions, ATF6 translocates from the
ER to the Golgi apparatus, where it is cleaved by site-1 proteases resulting in the
formation of an active ATF6 transcription factor [13]. The active ATF6 fragment is
subsequently imported into the nucleus, where it increases the gene expression of various
proteins that function to alleviate ER stress [7-9, 11]. While the main function of the UPR
is to improve homeostasis, unmitigated ER stress and chronic activation of components
of the UPR can also produce deleterious effects, such as inflammation and apoptosis [7].
Interestingly, a few studies have suggested that the UPR pathways can be activated in the
absence of ER stress [89, 156, 157].
Recent studies have suggested that the markers of ER stress are increased in
skeletal muscle under physiological and various pathological conditions [89, 157]. In
Chapter 2, we reported that levels of several markers of ER stress and activation of UPR
pathways are significantly increased in the skeletal muscle of mice in response to
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starvation and during cancer-associated cachexia [58, 158]. Intriguingly, this chapter also
demonstrated that chronic administration of 4-phenylbutyrate (4-PBA), a molecular
chaperon and inhibitor of ER stress, in wild-type mice leads to skeletal muscle weakness
and atrophy. Moreover, treatment with 4-PBA aggravated muscle wasting in the Lewis
lung carcinoma (LLC) model of cancer cachexia [158]. These results highlighted that
physiological levels of ER stress and the UPR may be important for the maintenance of
skeletal muscle health in both naïve conditions and in cancer-induced cachexia. It is also
possible that individual arms of the UPR play distinct roles in the regulation of skeletal
muscle mass in various catabolic states, including during tumor growth. However, the
role of different arms of the UPR in the regulation of skeletal muscle mass has not yet
been investigated. Moreover, the signaling mechanisms that regulate the activation of the
UPR in skeletal muscle during cancer cachexia remain completely unknown.
In the present study, we demonstrate that the levels of several TLRs and MyD88
are increased in skeletal muscle of LLC tumor-bearing mice. The targeted ablation of
MyD88 blocks LLC tumor-induced muscle wasting in mice. Our results demonstrate that
TLRs/MyD88 mediate the activation of the UPR in skeletal muscle during cancer
cachexia. Similar to MyD88, the muscle-specific deletion of XBP1 attenuates LLC
tumor-induced loss of muscle mass both in vivo and in vitro. Finally, our results
demonstrate that forced expression of sXBP1 is sufficient to cause atrophy and increases
the gene expression of various proinflammatory cytokines, specific components of UPS,
and autophagy in cultured myotubes.
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3.2 Materials and methods.
Mice. Floxed MyD88 (MyD88f/f; Jax strain: B6.129P2 (SJL)-MyD88tm1Defr/J) were
purchased from Jackson Laboratory. Floxed XBP1 (XBP1f/f) mice as described [7] were
kindly provided by Prof. Laurie Glimcher. Myoblast-specific MyD88-knockout
(MyD88myoKO) mice were generated by crossing MyD88f/f mice with MyoD-Cre (Jax
strain: FVB.Cg-Myod1tm2.1(icre)Glh/J) mice. Skeletal muscle-specific XBP1-knockout
(XBP1mKO) were generated by crossing XBP1f/f mice with MCK-Cre mice (Jax strain:
B6.FVB(129S4)-Tg (Ckmm-cre)5Khn/J). All mice were in the C57BL/6J background
and their genotype was determined by PCR from tail DNA. For cancer cachexia studies,
LLC cells (2 X 106 cells in 100 µl saline) were injected subcutaneously into the left
flanks of 3-month old similar to as described [59, 159]. Control mice were injected with
saline only. The mice were weighed daily and euthanized on day 21 after injection of
LLC cells or if the animal reached a predetermined endpoint. All experimental protocols
with mice were approved in advance by the Institutional Animal Care and Use
Committee (IACUC) and Institutional Biosafety Committee (IBC) at the University of
Louisville.

Grip strength test. We used a digital grip-strength meter (Columbus Instruments,
Columbus, OH, USA) to measure forelimb or total 4-limb grip strength of mice by
following a protocol as described [118]. Mice were acclimatized for 5 min before the
grip-strength test began. The mouse was allowed to grab the metal pull bar with the
forepaws and in a separate experiment with all 4 paws. The tail of the mouse was then
gently pulled backward in the horizontal plane until it could no long grasp the bar. The
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force at the time of release was recorded as the peak tension. Each mouse was tested 10
times with a 20–40 s break between tests. The average peak tension from the 10
repetitions was normalized against total body weight and was defined as the average grip
strength. The maximum peak tension from the 10 repetitions was normalized against total
body weight and was defined as the maximum grip strength.

Histology and morphometric analysis. Individual TA and soleus muscles were isolated
from mice, snap frozen in liquid nitrogen, and sectioned with a microtome cryostat. For
the assessment of muscle morphology, 10 µm thick transverse sections of TA and soleus
muscle were stained with hematoxylin and eosin (H&E) dye. Muscle section were also
processed for immunostaining for Laminin protein to mark the boundaries of myofibers.
The sections were examined under an Eclipse TE 2000-U microscope (Nikon, Tokyo,
Japan). Average myofiber cross-sectional area (CSA) and minimal Feret’s diameter were
analyzed in anti-Laminin-stained muscle sections using ImageJ software (NIH, Bethesda,
MD). For each muscle, CSA was calculated by analyzing approximately 75 fibers per
image (20x magnification). Five images were randomly taken for each mouse, allowing
for 375 fibers measured per mouse.

Immunohistochemistry and fiber typing. For immunohistochemistry studies, frozen
TA or soleus muscle sections were fixed in acetone, blocked in 2% bovine serum
albumin in PBS for 1h and incubated with rabbit anti-Laminin, in blocking solution at 4
°C overnight under humidified conditions. The sections were washed briefly with PBS
before incubation with goat anti-rabbit Alexa Fluor 468 secondary antibody for 1 h at
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room temperature and then washed three times for 15 min with PBS. To determine the
composition of different types of fibers in the TA and soleus muscle of mice, transverse
cross sections were made and blocked in 5% goat serum and 2% bovine serum albumin
(BSA) for 30 min, followed by incubation for 1 h with monoclonal antibodies against
type I, IIA, and IIB MyHC isoforms using clone BA-D5, SC-7, and BF-F3, respectively
(Developmental Studies Hybridoma Bank, Iowa City, IA). Secondary antibody used was
goat anti-mouse IgG2b conjugated with Alexa-350, goat anti-mouse IgG1 conjugate with
Alexa-568, and goat anti-mouse IgM conjugated with Alexa-488. Finally, the
fluorescence was captured with an Eclipse TE 2000-U microscope (Nikon), the images
were merged, and the percentage of each type of fibers in whole muscle section was
recorded. Average CSA of each fiber type was analyzed using ImageJ software (NIH).
For each muscle, CSA was calculated for approximately 100 Type I and Type IIA fiber
and 300 Type IIB fibers for each mouse.

Cell culture. C2C12, a myoblastic cell line, was purchased from American Type Culture
Collection (ATCC). These cells were grown in growth medium (GM, DMEM containing
10% FBS). To induce differentiation, the cells were incubated in differentiation medium
(DM, DMEM supplemented with 2% horse serum) for 96h. After appropriate treatments,
myotubes cultures were visualized at room temperature on an Eclipse TE 2000-U
microscope equipped with a Digital Sight DS-Fi1 camera (Nikon). Images were captured
and the diameter of the myotubes was measured with ImageJ software (NIH). The
myotube diameter was quantified as follows: 4 fields were chosen randomly within each
well, and 4 wells were measured. The average diameter per myotube was calculated as
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the mean of the 3 measurements taken along the length of the myotube. Myotubes were
then collected, frozen, and stored at -80oC for further experiments.

Preparation of LLC-conditioned medium (LLC-CM). LLC cells were seeded in 100
mm cell culture plates in growth medium (DMEM containing 10% fetal bovine serum) at
a density of 5000 cells/cm2. Additional growth medium was added to each plate after 48h
of plating. LLC cell cultures contain a heterogeneous mix of adherent and floating cells.
After 4 days, floating cells were harvested by centrifugation at 800 RPM for 5 min.
Pelleted cells and 10 ml differentiation medium were added back to the plate containing
the adherent cells. After 24 hours, conditioned medium (CM) was harvested and cleared
of cells and debris by centrifugation (800 RMP, 5 min). The CM was passed through 0.45
µm filters and aliquots were frozen in liquid nitrogen for later use. CM was diluted 1:4
with fresh differentiation medium (DM) for treatment of cultured myotubes and
subsequent analysis of LLC CM-induced myotube atrophy.

Generation and use of adenoviral vectors. Adenoviral vectors expressing Xbp1 shRNA
or XBP1 cDNA were generated following a protocol as described [27, 160]. The target
siRNA sequence for mouse XBP1 mRNA were identified using BLOCK-iT RNAi
Designer online software (Life Technologies). The shRNA oligonucleotides were
synthesized to contain the sense strand of target sequences for mouse Xbp1 shRNA
(GCCAAGCTGGAAGCCATTAAT), a short spacer (CTCGAG), and the reverse
complement sequences followed by five thymidines as an RNA polymerase III
transcriptional stop signal. Oligonucleotides were annealed and cloned into pLKO.1-Puro
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plasmid with AgeI/EcoRI sites. The insertion of shRNA sequence in the plasmid was
confirmed by DNA sequencing. Adenovirus carrying XBP1 shRNA was generated
following the manufacturer protocol (AdEasy Adenoviral Vector System, Agilent). In
brief, Xbp1 shRNA was PCR amplified from pLKO.1 plasmid and ligated into the
pAdTrack-CMV vector digested at KpnI and XbaI sites. For the generation of adenovirus
expressing sXBP1, Flag tagged sXBP1 cDNA was isolated from pCMV5-Flag-XBP1s
plasmid (Addgene, Plasmid # 63680) and ligated at KpnI and HindIII sites in pAdTrackCMV plasmid. The resulting pAdTrack-CMV-XBP1 shRNA or pAdTrack-CMV-sXBP1
plasmid was linearized with PmeI and co-transformed into E. coli BJ5183 cells with the
pAdEasy-1 plasmid. Clones undergoing Adtrack-Adeasy recombination were selected
with kanamycin and confirmed by digestion with restriction endonuclease. The
recombinant plasmid was linearized with PacI and transfected into 293T cell line (ATCC)
using Effectene Transfection Reagent (Qiagen) to package into active virus particles.
Viruses were amplified by serial passage to concentrate viral titer. The titer was
monitored under a microscope by visualizing the GFP marker co-expressed with XBP1
shRNA or sXBP1 cDNA in the Adtrack-Adeasy recombinants. Adenoviral vectors were
transduced in cultured myotubes at multiplicity of infection (MOI) of 1:50.

Quantitative real-time PCR (QRT-PCR). RNA isolation and QRT-PCR were
performed following a protocol as described [58, 59]. In brief, total RNA was extracted
from skeletal muscles of mice or cultured C2C12 myotubes using TRIzol reagent
(Thermo Fisher Scientific Life Sciences) and an RNeasy Mini Kit (Qiagen, Valencia,
CA, USA). First-strand cDNA was made with a commercially available kit (Thermo
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Fisher Scientific Life Sciences). The quantification of mRNA expression was performed
using the SYBR Green dye (Thermo Fisher Scientific Life Sciences) method on a
sequence detection system (Model 7300; Thermo Fisher Scientific Life Sciences).
Primers were designed with Vector NTI software (Thermo Fisher Scientific Life
Sciences). Primers sequences are available in Appendix 1. Data normalization was
accomplished using the endogenous control β-actin and the normalized values were
subjected to a 2−ΔΔCt formula to calculate the fold change between the control and
experimental groups.

Western blot. Relative levels of various proteins were determined by performing
Western blot analysis. Skeletal muscle of mice or cultured C2C12 myotubes were washed
with sterile PBS and homogenized in lysis buffer: 50 mM Tris-Cl (pH 8.0), 200 mM
NaCl, 50 mM NaF, 1 mM dithiothreitol (DTT), 1 mM sodium orthovanadate, 0.3%
IGEPAL, and protease inhibitors. Approximately 100 µg protein was resolved in each
lane on 10-12% SDS-polyacrylamide gels, electrotransferred onto nitrocellulose
membranes, and probed with the following antibodies: anti-Troponin T (1:500; SigmaAldrich, St. Louis, MO, USA), anti-Tropomyosin (1:500; Sigma-Aldrich), anti-sXBP1
(1:1000; Cell Signaling Technology), anti-LC3B (1:500; Cell Signaling Technology),
anti-α-Tubulin (1:1000; Cell Signaling Technology), and anti-GAPDH (1:2000; Cell
Signaling Technology). Bound antibodies were detected by secondary antibodies
conjugated to horseradish peroxidase (Cell Signaling Technology). Signal detection was
performed by an enhanced chemiluminescence detection reagent (Bio-Rad). Approximate
molecular masses were determined by comparison with the migration of prestained
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protein standards (Bio-Rad). Quantitative estimation of the bands’ intensity was
performed using ImageJ software (National Institute of Health, Bethesda, MD).

Statistical analysis. Results are expressed as mean + standard deviation (SD). For
statistical analyses, we used unpaired two-tailed Student’s t-test. A value of P < 0.05 was
considered statistically significant, unless otherwise specified.

3.3 Results
3.3.1 Levels of TLRs and MyD88 are increased in skeletal muscle of LLC tumorbearing mice. We first investigated how the gene expression of various TLRs and
MyD88 are regulated in skeletal muscle of mice in response to tumor growth. Adult
C57BL/6J mice were inoculated with 2 x 106 LLC cells in the left flank. After 21 days,
the mice were euthanized and the right hind limb muscles were isolated and analyzed by
performing QRT-PCR analysis and Western blot. We found that transcript levels of
TLR1, TLR2, TLR4, TLR7, and TLR8 were significantly increased and there was a trend
towards an increase in TLR9 in the GA muscle of LLC tumor-bearing mice compared
with corresponding control mice (Figure 3.1A). Moreover, both mRNA and protein
levels of MyD88 were found to be significantly increased in the GA muscle of LLC
tumor-bearing mice compared to control mice (Figure 3.1B, C).
To understand whether factors secreted by tumor cells induce the gene expression
of TLRs and MyD88 in skeletal muscle, we investigated the effect of LLC-conditioned
medium (LLC-CM) on the expression levels of TLRs and MyD88 in cultured myotubes.
Cultured C2C12 myotubes were treated with LLC-CM in a 1:4 ratio for 24h followed by
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performing QRT-PCR. Interestingly, treatment of C2C12 myotubes with LLC-CM
significantly increased the mRNA levels of TLR1, TLR4, TLR7, and TLR8 (Figure
3.1D). Moreover, there was a significant increase in the mRNA (Figure 3.1E) and
protein (Figure 3.1F) levels of MyD88 in myotubes upon treatment with LLC-CM,
suggesting that factors produced by tumor cells stimulate gene expression of various
TLRs and MyD88 in skeletal muscle during cancer cachexia.

3.3.2 Targeted deletion of MyD88 inhibits LLC tumor-induced skeletal muscle
wasting in mice. MyD88 is a critical adaptor protein that mediates the activation of
downstream signaling from all TLRs, except TLR3. In fact, the deletion of MyD88 has
been a widely used approach to investigate the role of TLRs in both physiological and
pathological conditions. To investigate the role of MyD88 in cancer cachexia, we used
the Myod1-Cre line that deletes the target gene in both myoblasts and differentiated
skeletal muscle. Specifically, floxed MyD88 (MyD88f/f) mice were crossed with the
Myod1-Cre line to generate littermate muscle-specific MyD88-knockout (MyD88myoKO)
and control (MyD88f/f) mice as described [154]. To understand the role of MyD88 in
cancer cachexia, 3-month old MyD88f/f and MyD88myoKO mice were injected with 2 x 106
LLC cells or saline alone (as a control) subcutaneously in the left flank and growth of
LLC tumor was monitored every day. At day 20 post-LLC injection, the mice were
analyzed for grip strength measurements. There was a significant decrease in forelimb
and total four paw grip strength in LLC tumor-bearing MyD88f/f mice compared to
corresponding mice injected with saline alone (Figure 3.2A-D). Interestingly, we found
that MyD88myoKO mice were protected from LLC tumor-induced reductions in grip
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strength. Specifically, forelimb and total four paw grip strength was significantly higher
in LLC tumor-bearing MyD88myoKO mice compared with corresponding MyD88f/f mice
(Figure 3.2A-D).
We next investigated whether the genetic ablation of MyD88 has any effect on the
myofiber size in LLC-tumor bearing mice. We generated transverse sections of TA and
soleus muscles and performed H&E staining or immunostaining for the Laminin protein.
There was no overt difference in skeletal muscle structure in control and LLC tumorbearing MyD88f/f and MyD88myoKO mice (Figure 3.2E). Morphometric analysis of
Laminin-stained sections revealed a significant improvement in average cross-sectional
area (CSA), as well as minimal Feret’s diameter in both TA and soleus muscle of LLC
tumor-bearing MyD88myoKO mice compared with corresponding MyD88f/f mice (Figure
3.2F-I). This analysis also showed that there was a significant reduction in the LLC
tumor-induced percentage loss in myofiber CSA in MyD88myoKO mice compared with
MyD88f/f mice (Figure 3.2H). However, average tumor size was comparable between
MyD88f/f and MyD88myoKO mice at day 21 after implantation of LLC cells (Figure 3.2I),
suggesting that the targeted deletion of MyD88 inhibits LLC-induced muscle wasting
without having any effect on tumor growth in mice.

3.3.3 Inhibition of MyD88 inhibits slow-to-fast fiber type transition in skeletal
muscle during cachexia. In addition to the loss of myofiber diameter, skeletal muscle
wasting is also associated with a slow-to-fast fiber type transition [159, 161]. We next
investigated whether the genetic deletion of MyD88 affects the composition of slow- and
fast-type fibers in skeletal muscle. Transverse sections generated from TA and soleus
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muscles of MyD88f/f and MyD88myoKO mice were processed for triple immunostaining
using antibodies against Myosin Heavy Chain (MyHC) types I, IIA, and IIB. Unstained
myofibers were considered as type IIX or a myofiber in transition from one type to
another (Figure 3.3A, B). Consistent with published results [159], growth of LLC cell
tumors resulted in a loss of oxidative fibers (Type I and IIA) in both the TA and soleus
muscle of MyD88f/f mice. Interestingly, there was a significant increase in the proportion
of type IIA myofibers in the TA muscle and type I and IIA myofibers in soleus muscle of
LLC tumor-bearing MyD88myoKO mice compared with corresponding MyD88f/f mice
(Figure 3.3C, D). To understand whether the rescue in the loss of myofiber size in
MyD88myoKO mice upon inoculation of LLC cells is due to changes in the composition of
fibers or the amelioration in myofiber atrophy, we quantified the average CSA of each
myofiber type. Consistent with our previous study [159], there was a significant reduction
in average CSA of each fiber type in LLC tumor-bearing MyD88f/f mice (Figure 3.3E,
F). However, myofiber CSA of all fiber types was significantly higher in MyD88myoKO
mice compared with MyD88f/f mice inoculated with LLC cells (Figure 3.3E, F).
Collectively, these results suggest that the specific inhibition of MyD88 preserves
oxidative myofibers in skeletal muscle during cancer-induced cachexia.

3.3.4 MyD88 mediates the activation of catabolic pathways in skeletal muscle of
LLC tumor-bearing mice. Skeletal muscle wasting in many catabolic conditions,
including cancer growth, involves the degradation of muscle specific proteins [59, 122,
159]. To investigate the biochemical mechanisms by which MyD88 mediates muscle
wasting, we first measured levels MyHC, Tropomyosin, and Troponin in skeletal muscle
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of control and LLC tumor-bearing mice. There was a significant reduction in the levels of
all three proteins in GA muscle of MyD88f/f mice compared with corresponding nontumor control mice. Our analysis also showed that levels of MyHC and Troponin, but not
Tropomyosin, were significantly higher in LLC-bearing MyD88myoKO mice compared
with corresponding MyD88f/f mice (Figure 3.4A, B).
Skeletal muscle wasting in multiple conditions is a result of accelerated protein
degradation. The ubiquitin-proteasome system (UPS) and autophagy are two major
proteolytic systems that cause the degradation of the bulk of muscle proteins in various
catabolic states [40, 103, 162]. Indeed, gene expression of various components of the
UPS and autophagy is increased in skeletal muscle in response to a number of catabolic
stimuli, including cancer. We next measured relative mRNA levels of select markers of
UPS and autophagy in GA muscle of MyD88f/f and MyD88myoKO mice. Consistent with
published mRNA levels of muscle-specific E3 ubiquitin ligase, MAFBx and MuRF1,
were found to be significantly increased in skeletal muscle of LLC tumor-bearing
MyD88f/f mice compared with control mice (Figure 3.4C). Importantly, mRNA levels of
MAFBx were significantly reduced and a trend towards a decrease in MuRF1 was
noticeable in GA muscle of MyD88myoKO mice compared with MyD88f/f mice (Figure
3.4C). Similar to the UPS, there was also significant increase in transcript levels of
autophagy markers LC3B and Beclin-1 in skeletal muscle of LLC-bearing MyD88f/f
mice. However, transcript levels of both LC3B and Beclin-1 were found to be
significantly reduced in skeletal muscle of MyD88myoKO mice compared with MyD88f/f
mice in response to tumor growth (Figure 3.4D). Furthermore, ratio of LC3BII/I was also
significantly reduced in the GA muscle of LLC-bearing MyD88myoKO mice compared
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with corresponding MyD88f/f mice, further suggesting that the genetic ablation of MyD88
inhibits the activation of autophagy in skeletal muscle during cancer cachexia (Figure
3.4E).
Activation of the UPS and autophagy in skeletal muscle involves the upstream
activation of specific signaling pathways [40]. Because MyD88 is a major adaptor protein
involved in the activation of various signaling pathways, we next investigated whether
MyD88 functions through the activation of specific signaling proteins in skeletal muscle
of tumor-bearing mice. We first investigated whether MyD88 plays a role in the
activation of nuclear factor kappa-B (NF-κB) in skeletal muscle of LLC tumor-bearing
mice. Interestingly, the phosphorylation of NF-κB subunit, p65 (also called RelA), was
significantly inhibited in LLC tumor-bearing MyD88myoKO mice compared with
corresponding MyD88f/f mice (Figure 3.4F, G). Inhibitor of κB (IκBα) protein masks the
nuclear localization signals of NF-κB proteins and keep them sequestered in an inactive
state in the cytoplasm [43]. Levels of IκBα protein are reduced due to its proteolysis in
response to NF-κB activating stimulus. Our results showed that levels of IκBα proteins
were significantly higher in the GA muscle of LLC tumor-bearing MyD88myoKO mice
compared with MyD88f/f mice (Figure 3.4F, G). We next investigated whether MyD88
regulates the activation of p38MAPK signaling in skeletal muscle of mice in response to
tumor growth. While the phosphorylation of p38MAPK was significantly increased in
skeletal muscle of MyD88f/f mice in response to tumor growth, there was no significant
difference in the levels of phosphorylated p38 MAPK between MyD88f/f and
MyD88myoKO mice (Figure 3.4F, G). Altogether, these results suggest that the deletion of
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MyD88 attenuates the activation of the proteolytic systems and catabolic signaling
pathways in skeletal muscle of LLC tumor-bearing mice.

3.3.5 MyD88 mediates the activation of UPR in skeletal muscle during cancer
cachexia. The UPR pathways are employed by cells as a corrective measure to avoid an
increase in the unfolded-protein load. It is generally believed that the PERK and IRE1
arms of the UPR are involved in mediating deleterious effects, whereas the ATF6 arm
mediates adaptive responses [1]. We investigated whether MyD88 has any role in the
activation of the UPR pathways in skeletal muscle of tumor bearing mice. Consistent
with our previously published report [159], the markers of the PERK and IRE1/XBP1
arms of the UPR were found to be significantly increased in skeletal muscle of LLC
tumor-bearing MyD88f/f mice. Interestingly, LLC tumor-induced increases in the levels
of p-eIF2α, tXBP1, and sXBP1 were significantly inhibited in skeletal muscle of
MyD88myoKO mice compared with MyD88f/f mice (Figure 3.5A, B). We also compared
mRNA levels of various markers of ER stress in skeletal muscle of MyD88f/f and
MyD88myoKO mice. This analysis showed that LLC tumor-induced increases in relative
mRNA levels ATF4, CHOP, GRP78, and sXBP1 were significantly diminished in
skeletal muscle of MyD88myoKO mice compared with MyD88f/f mice (Figure 3.5C).
A recent study demonstrated that tumor cells secrete heat shock protein (Hsp) 70
and Hsp90, which causes muscle wasting through binding to TLRs in mouse models of
cancer cachexia [148]. We investigated whether recombinant Hsp70 can activate the
PERK and IRE1/XBP1 arms of the UPR in cultured myotubes. Results showed that
treatment with Hsp70 significantly increased the levels of p-eIF2α and sXBP1 in cultured
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C2C12 myotubes (Figure 3.5D, E). Furthermore, QRT-PCR analysis showed that mRNA
levels of several ER stress markers CHOP, GADD34, and sXBP1 were significantly
increased in C2C12 myotubes upon treatment with Hsp70 (Figure 3.5F). Collectively,
these results suggest that tumor-derived factors activate the UPR through MyD88dependent mechanisms in skeletal muscle.

3.3.6 Targeted ablation of XBP1 inhibits skeletal muscle wasting in LLC tumorbearing mice. While both the PERK and IRE1/XBP1 arms of the UPR are activated
during cancer cachexia, we found that targeted inhibition of PERK does not attenuate
skeletal muscle wasting in response to the LLC tumor (our unpublished results). We
then investigated whether inhibition of XBP1, the major effector of the IRE1 arm of the
UPR, can attenuate skeletal muscle wasting in LLC model of cancer cachexia. Since
XBP1 is also required for myogenic differentiation, we generated mice in which XBP1
was deleted only in differentiated skeletal muscle. Specifically, floxed XBP1 (XBP1f/f)
mice were crossed with the muscle creatine kinase (MCK)-Cre line to generate musclespecific XBP1-knockout (henceforth XBP1mKO) mice and littermate XBP1f/f mice. Our
QRT-PCR analysis confirmed that mRNA levels of XBP1 and its downstream targets,
EDEM and SEC61, were significantly reduced in skeletal muscle of XBP1mKO mice
compared to littermate XBP1f/f mice (Figure 3.6A).
To understand the role of XBP1 in muscle wasting in cancer cachexia, 3-month
old XBP1f/f and XBP1mKO mice were implanted with 2 X 106 LLC cells. After 21 days,
hind limb muscle of the mice were isolated and analyzed by morphometric and
biochemical assays. We first generated transverse sections of TA and soleus and

84

performed H&E staining or anti-Laminin staining (Figure 3.6B). Intriguingly, our
analysis showed that the average CSA and minimal Feret’s diameter were somewhat
reduced in skeletal muscle of XBP1mKO mice compared with littermate XBP1f/f mice in
naïve conditions, suggesting that XBP1 may have a role in skeletal muscle growth
(Figure 3.6C, D). However, we found that XBP1mKO mice were protected from LLC cellinduced muscle wasting. The average CSA and minimal Feret’s diameter of myofiber
were significantly higher in TA and soleus muscle of LLC tumor-bearing XBP1mKO mice
compared to corresponding XBP1f/f mice (Figure 3.6B-E). Our analysis also showed that
the deletion of XBP1 in skeletal muscle had no effect on growth of LLC tumors in mice
(Figure 3.6F). We next compared mRNA levels of components of UPS and autophagy in
skeletal muscle of XBP1f/f and XBP1mKO mice. Results showed that the tumor-induced
increases in the mRNA levels of MuRF1, MAFBx, LC3B, and Beclin-1 were
significantly inhibited in GA muscle of XBP1mKO mice compared with XBP1f/f mice
(Figure 3.6G, H).
Inflammatory cytokines are some of the important mediators of skeletal muscle
wasting in various catabolic states, including cancer. Interestingly, sXBP1 binds to the
promoter region of both TNF-α and IL-6 to enhance their gene expression in
macrophages [156]. Thus, we next investigated whether the inhibition of XBP1 has any
effect on the gene expression of inflammatory cytokines in skeletal muscle of LLC
tumor-bearing mice. Results showed that the LLC tumor-induced increase in mRNA
levels of IL-6, TWEAK, TNF-α and TNF receptor I (TNFRI) were significantly inhibited
in XBP1mKO mice compared to corresponding XBP1f/f mice (Figure 3.6I). Collectively,
these results suggest that the inhibition of XBP1 inhibits LLC tumor-induced muscle
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wasting, potentially through the inhibition of the activity of proteolytic pathways and
repressing levels of inflammatory cytokines.

3.3.7 Activation of XBP1 induces atrophy in cultured myotubes. While our results
demonstrate that the inhibition of XBP1 can prevent skeletal muscle wasting in response
to LLC, it remains unknown whether the activation of XBP1 is sufficient to cause
skeletal muscle wasting. To address this issue, we generated an adenoviral vector
expressing spliced XBP1 (sXBP1) cDNA. C2C12 myotubes were transduced with a
control or sXBP1-expressing adenoviral vector. After 48h, the myotubes cultures were
fixed and stained with DAPI (Figure 3.7A). Interestingly, we found that the
overexpression of sXBP1 led to a significant decrease in the diameter of myotubes
(Figure 3.7B). In a parallel experiment, we also measured mRNA levels of markers of
the UPS and autophagy in control and sXBP1-overexpressing myotubes. Our analysis
showed that mRNA levels of MAFBx, MuRF1, LC3B, and Beclin-1 were significantly
increased in myotubes cultures transduced with sXBP1-expressing adenoviral vector
(Figure 3.7C, D). Moreover, mRNA levels of IL-6, TNF-α, and TWEAK were also
significantly increased sXBP1-overexpressing cultures compared to controls (Figure
3.7E). We also measured whether overexpression of sXBP1 affects the activation of NFκB and p38 MAPK. Results showed that levels of phosphorylated p65 and p38 MAPK
were significantly increased in sXBP1-expressing cultures compared with control
cultures (Figure 3.7F, G). Our Western blot analysis also showed that protein levels of
sXBP1 were increased in cultures transduced with sXBP1-expressing adenoviral vector
(Figure 3.7F, G).
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We have recently shown that treatment of cultured myotubes with LLC-CM leads
to the splicing of XBP1 [159]. We next sought to determine whether the inhibition of
XBP1 can attenuate myotube atrophy in response to LLC-CM. We first generated
adenoviral constructs expressing either a scrambled (control) shRNA or XBP1 shRNA.
C2C12 myotubes were transduced with control or XBP1 shRNA-expressing adenoviral
vector. After 24h, the myotubes were treated with LLC-CM for an additional 48h. As
expected, the treatment of myotubes with LLC-CM caused a significant reduction in
average myotube diameter (Figure 3.7H). Interestingly, shRNA-mediated knockdown of
XBP1 prevented the loss of myotube diameter after treatment with LLC-CM (Figure 7I).
Our QRT-PCR analysis confirmed a drastic reduction in mRNA levels of XBP1 in
myotube cultures transduced with Ad.shXBP1 (Figure 3.7J). Altogether, these results
indicate that in vitro overexpression of XBP1 promotes myotubes atrophy, whereas,
knockdown of XBP1 can prevent LLC-CM induced myotube wasting.

3.4 Discussion.
Cancer cachexia is a complex syndrome that involves a severe loss of skeletal muscle
mass [144]. Tumor cells secrete a number of factors, which have significant impacts on
muscle proteolysis and function [100, 144]. The tumor itself or tumor-derived factors can
also stimulate the production of certain molecules, such as proinflammatory cytokines,
from non-tumor cells leading to systematic inflammation and metabolic dysfunction in
various organs, including skeletal muscle [100, 138, 163]. TLRs, which mediate
downstream signaling through the recruitment of MyD88 protein, are important
regulators of the inflammatory response in many pathological conditions. A number of
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molecules can bind to specific TLRs to initiate the inflammatory response [151-153].
Recently, it was reported that several types of cancer cells, which cause cachexia,
constitutively secrete Hsp70 and Hsp90 proteins into the circulation. These proteins are
packed in extracellular vesicles and delivered to skeletal muscle, where they bind to
TLR4 to activate catabolic signaling pathways and production of inflammatory cytokines
[148]. A recent study has also shown that skeletal muscle wasting is partially rescued in
whole body TLR4-KO mice in response to growth of LLC tumor [149]. However, how
the gene expression of other TLRs as well as MyD88 is regulated and their potential role
and mechanisms of action in cancer-associated skeletal muscle wasting remained largely
unknown.
Our study demonstrates that the gene expression of several TLRs and MyD88 is
considerably increased in skeletal muscle of mice after inoculation with LLC cells. Since
conditioned media from LLC cells was also able to induce the expression of TLRs and
MyD88 in cultured myotubes (Figure 3.1), it is likely that factors of tumor origin induce
the expression of TLRs in skeletal muscle during cancer cachexia. More importantly, our
results showed that the inhibition of TLR-mediated signaling through the genetic ablation
of MyD88 blunts the LLC tumor-induced loss of skeletal muscle strength and myofiber
CSA in adult mice (Figure 3.2). Further, our results suggest that the inhibition of
TLR/MyD88 signaling may prevent muscle wasting through inhibition of the UPS and
autophagy. It has been consistently observed that gene expression of a number of
components of the UPS and autophagy is increased through upstream activation of NFκB and MAPK signaling pathways [33, 43]. Consistent with reduced expression of
markers of the UPS and autophagy, we found that the genetic ablation of MyD88 reduced
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the activation of NF-κB and p38MAPK in skeletal muscle of LLC tumor-bearing mice
(Figure 3.5F, G). Braun et al. have previously reported that whole body, but not skeletal
muscle-specific, deletion of MyD88 inhibits skeletal muscle atrophy after stimulation
with Lipopolysaccharide (LPS), an agonist of TLR4 [164]. In contrast, our study
demonstrates that muscle-specific inhibition of MyD88 effectively inhibits muscle
wasting in LLC cell-associated cachexia. While the exact reasons remained unknown, it
is possible that LPS and tumor-derived factors induce muscle wasting through
recruitment of distinct TLR receptors. Indeed, our results demonstrate that multiple TLRs
become activated in the LLC model of cachexia, not just TLR4 (Figure 3.1). TLR7 has
been previously reported to mediate the loss of muscle mass during cancer cachexia
[165]. Interestingly, our results demonstrate that the expression of TLR7 is significantly
increased in skeletal muscle in LLC model of cancer cachexia (Figure 3.1). Another
reason could be the mouse models used in the two studies. Braun et al used mice in which
MyD88 was deleted only in differentiated myofibers [164], whereas in the present study,
we used Myod1-Cre line which leads to the ablation of MyD88 in myoblasts as well as
differentiated myofibers (15).
Accumulating evidence suggests that ER stress and the UPR pathways are
activated in skeletal muscle under diverse conditions [89, 157]. We previously reported
that the markers of ER stress are activated in skeletal muscle of two models of cancer
cachexia: LLC and APCMin/+ mice. We have also demonstrated that the conditioned
medium of LLC cells was able to induce the activation of the UPR pathways [158]. Our
results in the present investigation suggest that Hsp70, which is produced by tumor cells
in mouse models of cancer cachexia [148], can also induce the UPR pathways in cultured
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myotubes (Figure 3.5D-F) suggesting that the factors of tumor origin, including Hsp70,
are responsible, at least in part, for the activation of the UPR pathways in skeletal muscle
in vivo. Intriguingly, a previous study has demonstrated that TLRs recruit IRE1α to
stimulate the splicing and activation of XBP1 in macrophages to boost the innate immune
response [156]. Moreover, the TLR-mediated activation of IRE1/XBP1 occurs in the
absence of ER stress and does not lead to the induction of gene expression of ER
chaperones. Instead, the activation of XBP1 leads to the induction of proinflammatory
cytokines, including IL-6 and TNFα in macrophages [156]. Our results suggest that
TLR/MyD88 axis not only mediates the activation of IRE1/XBP1 but it also stimulates
the activation of the PERK arm of the UPR in skeletal muscle in LLC-tumor bearing
mice. (Figure 3.5). However, the exact molecular interactions through which the
TLRs/MyD88 axis leads to the activation of the UPR in skeletal muscle remain to be
investigated.
The role of ER stress and individual arms of the UPR in the regulation of skeletal
muscle mass has just begun to be investigated. We have recently reported that the paninhibition of ER stress produces deleterious effects on muscle mass and function during
LLC-induced cancer cachexia both in vivo and in vitro [158]. A previous study has
demonstrated that the deletion of CHOP, which is induced by PERK/eIF2α pathway in
conditions of ER stress, accelerates denervation-induced skeletal muscle wasting
potentially due to the increased activation of autophagy [49]. Recently, it was reported
that that inducible activation of PERK leads to the loss of skeletal muscle mass in adult
mice [46, 166]. Interestingly, a constitutively-active mutant form of PERK also augments
gene expression of several enzymes involved in amino acid metabolism and stimulates
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the gene expression and secretion of Fibroblast Growth Factor 21 (FGF21), an antiobesity myokine that promotes energy expenditure in brown adipose tissue [46]. These
findings suggest that while overexpression of PERK causes muscle atrophy, it also
improves metabolic adaptation of whole body. Published reports also suggest that ATF4,
a transcription factor that is also induced through the activation of PERK/eIF2α, mediates
muscle atrophy during starvation, immobilization, and aging [123, 167, 168]. While the
PERK/eIF2α axis is activated in skeletal muscle in models of cancer cachexia, our results
showed that the genetic ablation of PERK does not have any significant effect on LLC
tumor-induced muscle wasting in adult mice (our unpublished results). These findings
suggest that different components of the UPR may have different roles in the regulation
of skeletal muscle mass in catabolic conditions.
Activation of the IRE1/XBP1 pathway causes insulin resistance through the
activation of JNK in mice fed with a high fat diet [89, 157]. However, the muscle-specific
role of this pathway had not been investigated before. Our results demonstrate that XBP1
may have a role in skeletal muscle growth, evidenced by a slightly reduced myofiber size
in XBP1mKO mice compared to littermate control mice, in naïve conditions (Figure 3.6BD). Interestingly, we found that the myofiber-specific ablation of XBP1 considerably
inhibited the LLC tumor-induced skeletal muscle wasting in mice (Figure 3.6B-F).
Similarly, we found that the shRNA-mediated knockdown of XBP1 inhibits atrophy in
cultured myotubes in response to LLC-CM (Figure 3.7H, I). By contrast, the forced
expression of sXBP1 causes atrophy in cultured myotubes, suggesting that increased
activation of XBP1 is sufficient to induce muscle wasting (Figure 3.7A, B). Our results
also demonstrate that similar to innate immunity, XBP1 induces the gene expression of
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proinflammatory cytokines IL-6, TNF-α, and TWEAK in skeletal muscle, which may be
an important mechanism for skeletal muscle atrophy. Indeed, IL-6 is one of the important
mediators of muscle wasting in cancer-associated cachexia [119, 169-171]. Increased
expression of proinflammatory cytokines can further stimulate muscle wasting through
activation of catabolic signaling pathways and proteolytic systems [33, 43, 44, 100].
Consistently, we found that the forced activation of sXBP1 increases the activation of
NF-κB and p38 MAPK in cultured myotubes (Figure 3.7F, G). We also found that
XBP1 regulates the gene expression of several important components of UPS and
autophagy. Being a transcription factor, it is possible that sXBP1 directly binds to the
promoter region of these genes to induce their expression. Alternatively, the increased
expression of these molecules could be a result of the activation of other catabolic
pathways, including NF-κB and p38 MAPK. While our results demonstrate that ablation
of XBP1 inhibits markers of autophagy in the skeletal muscle LLC model of cancer
cachexia, a published report suggested that the genetic deletion of XBP1 ameliorates
pathology of SOD1 mutant mice, a model of Amyotrophic lateral sclerosis. Interestingly,
it was found that XBP1 deletion results in the increased activation of autophagy, which
hastens the clearance of mutant SOD1 aggregates [51]. Taken together, these findings
further emphasize that depending on the catabolic stimuli or pathological condition,
inhibition of a specific arm of the UPR can have distinct downstream events. Further
investigations are needed to precisely define the role of each arm of the UPR in skeletal
muscle wasting during cancer cachexia.
In summary, our present study identifies the TLR-MyD88-XBP1 axis as a
mediator of skeletal muscle wasting in a mouse model of cancer cachexia. However, it

92

remains to be determined whether this pathway promotes muscle wasting in other
conditions as well. Targeting components of this pathway may be an important approach
to inhibit muscle wasting in catabolic states, including cancer.
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FIGURE 3.1
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FIGURE 3.1: Increased gene expression of TLRs and MyD88 during cancer
cachexia. 3-month old C57BL6J mice were injected with saline alone or 2 x 106 Lewis
lung carcinoma (LLC) cells in the left flank and tumor growth was monitored. After 21
days, right side hind limb muscle were isolated and analysed by QRT-PCR and Western
blot. Relative mRNA of (A) TLR1, TLR2, TLR4, TLR7, TLR8, and (B) MyD88 in
gastrocnemius (GA) muscle of control and LLC tumor-bearing mice. (C) Immunoblots
demonstrating levels of MyD88 and an unrelated protein Tubulin in skeletal muscle of
control and LLC tumor-bearing mice. Bar diagram represents densitometry quantification
of bands in immunoblot. C2C12 myotubes were incubated in differentiation medium with
or without LLC-condition medium (LLC-CM) for 24h followed by performing QRTPCR and Western blot. Transcript levels of (D) TLR1, TLR4, TLR7, and TLR8 and (E)
MyD88 in control and LLC-CM treated myotubes. (F) Representative immunoblots and
densitometry analysis of MyD88 protein in control and LLC-CM treated myotubes. N=
3/group. Error bars represent SD. *p<0.05, values significantly different from
corresponding controls.
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FIGURE 3.2
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FIGURE 3.2: Targeted deletion of MyD88 prevents skeletal muscle atrophy in
tumor-bearing mice. 3-month old MyD88f/f and MyD88myoKO mice were inoculated with
2 x 106 LLC cells in the left flank and monitored for 20 days. Quantification of the (A)
maximum, and (B) average forelimb strength of control and LLC-tumor bearing
MyD88f/f and MyD88myoKO mice normalized by body weight. Quantification of the (C)
maximum and (D) average four-paw strength of control and tumor bearing MyD88f/f and
MyD88myoKO mice normalized by body weight. (E) Representative photomicrographs of
H&E- and anti-Laminin-stained sections of the TA muscle of control and LLC tumorbearing MyD88f/f and MyD88myoKO mice. Scale 50µm. Quantification of average (F)
cross-sectional area (CSA) and (G) minimal Feret’s diameter of myofibers in TA muscle
of control and tumor-bearing MyD88f/f and MyD88myoKO mice. Quantification of average
(H) CSA and (I) minimal Feret’s diameter of myofibers in soleus muscle of control and
tumor-bearing MyD88f/f and MyD88myoKO mice. (H) Quantification of percentage loss in
myofiber CSA after implantation of LLC tumor in TA and soleus muscle of MyD88f/f
and MyD88myoKO mice. (I) Average tumor wet weight in MyD88f/f and MyD88myoKO
mice after 21 days of injection of LLC cells. Error bars represent SD. N= 4-7/group.
*p<0.05, values significantly different from MyD88f/f mice. #p<0.05, values
significantly different from LLC tumor-bearing MyD88f/f mice.
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FIGURE 3.3
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FIGURE 3.3: Ablation of MyD88 inhibits slow-to-fast fiber type transition in
skeletal muscle during cachexia. TA and soleus muscle sections prepared from control
and tumor-bearing MyD88ff and MyD88myoKO mice were subjected to triple
immunostaining against MyHC I, IIA, and IIB antibodies. Representative
photomicrographs of triple-stained sections of (A) TA, and (B) soleus muscle of control
and LLC tumor-bearing MyD88f/f and MyD88myoKO mice. Scale bar: 50 µm.
Quantification of percentage of (C) Type IIA, IIB, and IIX fibers in TA muscle and (D)
Type I, IIA, and IIx in soleus muscle of control and LLC tumor-bearing MyD88f/f and
MyD88myoKO mice. Quantification of the average CSA of (E) Type IIA and IIB fibers in
the TA muscle and (F) Type I and IIA in the soleus muscle in control and tumor-bearing
MyD88ff and MyD88myoKO mice. N= 4/group. Error bars represent SD. *p<0.05, values
significantly different from MyD88f/f mice. #p<0.05, values significantly different from
LLC tumor-bearing MyD88f/f mice.
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FIGURE 3.4
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FIGURE 3.4: Ablation of MyD88 inhibits catabolic pathways in skeletal muscle
during cancer cachexia. (A) Representative immunoblots demonstrating levels of
MyHC, troponin, tropomyosin, and unrelated protein GAPDH in GA muscle of control
and LLC tumor-bearing MyD88f/f and MyD88mKO mice. (B) Densitometry quantification
of bands intensity of MyHC, Troponin, and Tropomyosin from multiple immunoblots.
N= 4 in each group. (C) Relative mRNA levels of MAFBx and MuRF1 in GA muscle of
control and LLC tumor-bearing MyD88f/f and MyD88mKO mice. (D) Relative mRNA
levels of autophagy genes LC3B and Beclin-1 in GA muscle of control and LLC tumor
bearing MyD88f/f and MyD88mKO mice. (E) Representative immunoblots and
quantification of ratio of LC3BII and LC3BI in GA muscle. (F) Representative
immunoblots demonstrating the levels of p-p65, IκBα, p-p38, total p38, and unrelated
protein GAPDH in GA muscle of control and LLC tumor-bearing mice. (G)
Densitometry analysis of ratio of p-p65/p6, p-p38/p38, IκBα/GAPDH from multiple
immunoblots. N= 4/group. Error bars represent SD. *p<0.05, values significantly
different from MyD88f/f mice. #p<0.05, values significantly different from tumor-bearing
MyD88f/f mice.
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FIGURE 3.5
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FIGURE 3.5: Genetic ablation of MyD88 in skeletal muscle hinders the activation of
UPR pathways during cancer cachexia. (A) Immunoblots demonstrating levels of peIF2α, eIF2α, total XBP1 (tXBP1), spliced XBP1 (sXBP1), ATF6, MyD88, and
unrelated protein tubulin in the GA muscle of control and LLC tumor-bearing MyD88ff
and MyD88myoKO mice. (B) Densitometry quantification of bands in immunoblots. N=3
or 4 in each group. (C) Relative mRNA levels of ATF4, CHOP, GRP78, and sXBP1 in
GA muscle of control and LLC tumor-bearing MyD88ff and MyD88myoKO mice. N= 4 in
each group. C2C12 myotubes were treated with Hsp70 (100ng/ml) for 24h followed by
performing biochemical analysis. (D) Representative immunoblots showing levels of peIF2α, eIF2α, tXBP1, sXBP1, and tubulin in control and Hsp70-treated myotubes. (E)
Densitometry quantification of bands in immunoblots for p-eIF2α, eIF2α, tXBP1, and
sXBP1 in control and Hsp70-treated C2C12 myotube cultures. (F) Relative mRNA levels
of ATF4, CHOP, GADD34, GRP78, and sXBP1 in control and Hsp70-treated C2C12
myotubes. N= 3 in each group. Error bars represent SD. *p<0.05, values significantly
different from MyD88f/f mice or control myotubes. #p<0.05, values significantly
different from LLC tumor-bearing MyD88f/f mice.
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FIGURE 3.6
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FIGURE 3.6: Targeted deletion of XBP1 inhibits skeletal muscle wasting in LLC
tumor-bearing mice. (A) Relative mRNA levels of XBP1, EDEM, and SEC61 in GA
muscle of naïve XBP1f/f and XBP1mKO mice. N=4 in each group. 3-month old XBP1f/f
and XBP1mKO mice were inoculated with 2 X 106 LLC cells in the left flank and
monitored for 21 days. (B) Representative photomicrographs of H&E-stained and antiLaminin-stained sections of TA muscle of control and LLC tumor-bearing XBP1f/f and
XBP1mKO mice. Scale: 50µm. Quantification of average myofiber CSA in (C) TA and
(D) soleus muscle of control and LLC tumor-bearing XBP1f/f and XBP1mKO mice. (E)
Quantification of percentage loss in myofiber CSA in TA and soleus muscle of XBP1f/f
and XBP1mKO mice after 21 days of inoculation with LLC cells. (F) Quantification of the
average tumor wet weight in tumor bearing XBP1f/f and XBP1mKO mice. N=9-12 mice/
group Relative mRNA levels of (G) MAFBx and MuRF1, (H) LC3B and Beclin-1, and
(I) IL-6, TWEAK, TNF-α, and TNFRI in GA muscle of control and LLC-bearing XBP1f/f
and XBP1mKO mice. N= 4 mice/ group. Error bars represent SD. *p<0.05, values
significantly different from XBP1f/f mice. #p<0.05, values significantly different from
LLC tumor-bearing XBP1f/f mice.
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FIGURE 3.7
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FIGURE 3.7: Activation of XBP1 causes atrophy in cultured myotubes. C2C12
myotubes were transduced with control adenovirus (Ad.Control) or sXBP1-expressing
(Ad.sXBP1) for 24h. The cultures were incubated in differentiation medium for an
additional 48h. (A) Representative images of control and sXBP1-overexpressing myotube
cultures after staining with DAPI. (B) Quantification of average myotube diameter in
control and sXBP1 overexpressing cultures. Relative mRNA levels of (C) MAFBx and
MuRF1, (D) LC3B and Beclin-1, and (E) IL-6, TNFα, and TWEAK in control and sXBP1overexpressing myotube cultures. (F) Representative immunoblots demonstrating levels
of p-p65, p65, p-p38, p38, sXBP1, and tubulin proteins in control and sXBP1
overexpressing cultures. (G) Densitometry quantification of bands intensity in
immunoblots. Ratio of p-p65/p65, p-p38/p38, and sXBP1/tubulin is presented here. N=4
in each group. *p<0.05, values significantly different from cultures transduced with
Ad.Control. C2C12 myotubes were transduced with adenoviral vector expressing a
scrambled shRNA (Ad.Control shRNA) or XBP1 shRNA (Ad.XBP1 shRNA) for 24h.
The cells were washed and incubated with or without LLC-CM in 1:4 ratio for an
additional 48h. (H) Representative images of myotube cultures after staining with DAPI.
(I) Quantification of average myotube diameter in control and XBP1 knocked down
myotube cultures. (J) Relative mRNA levels of XBP1 in myotube cultures transduced
with Ad.Control shRNA or Ad.XBP1 shRNA incubated with or without LLC-CM. N=4
in each group. Error bars represent SD. *p<0.05, values significantly different from
control cultures transduced with Ad.Control shRNA. #p<0.05, values significantly
different from LLC-CM treated cultures transduced with Ad.Control shRNA.
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CHAPTER 4

XBP1 PROMOTES SKELETAL MUSCLE REGENERATION AND GROWTH IN A
CELL NON-AUTONOMOUS MANNER

4.1 Introduction
Skeletal muscle exhibits a remarkable capacity for regeneration following injury.
Myofiber regeneration in adults is attributed mostly to the presence of a population of
muscle precursor cells, termed satellite cells [25]. In the naive skeletal muscle, these
mononucleated cells reside between the basement membrane and the sarcolemma in a
relatively dormant state [16, 26]. Following injury to skeletal muscle, satellite cells
become activated, undergo several rounds of cell division, and eventually differentiate
into myocytes, which fuse either to form new muscle fibers or to repair damaged parts of
existing myofibers. While the majority of activated satellite cells differentiate in the
myogenic lineage and contribute to muscle repair, a fraction of them escape
differentiation and restore the pool of quiescent satellite cells in regenerated or newly
formed skeletal muscle [26]. Quiescent satellite cells express high levels of paired box 7
(Pax7) protein [25]. Following specification to the myogenic lineage, the levels of Pax7
are repressed and the levels of Myf5, MyoD, and myogenin are concomitantly increased,
giving rise to proliferative myoblasts, which eventually fuse with injured myofibers to
accomplish regeneration [25, 26, 172]. While satellite cells are the main cell type that
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eventually contribute to the repair and nuclear accretion in myofibers, a number of other
cell types, including inflammatory immune cells are also involved in the process of
skeletal muscle regeneration. Inflammatory cells remove cellular debris and produce
cytokines and growth factors, which support satellite cell proliferation, differentiation,
and fusion in regenerating muscle.
It is also now evidenced that skeletal muscle regeneration involves coordinated
activation of several intracellular signaling pathways that are activated in satellite cells,
regenerating myofibers, as well as inflammatory immune cells. Skeletal muscle contains
an extended network of endoplasmic reticulum (ER) that plays critical roles in protein
folding and regulating calcium homeostasis in cell. Disruption in protein folding capacity
or calcium levels leads to ER stress. The ER deals with this stress through initiating the
unfolded protein response (UPR), mediated by inositol-requiring enzyme 1 (IRE1), RNAdependent protein kinase-like ER eukaryotic translation initiation factor 2 alpha kinase
(PERK), and activating transcription factor 6 (ATF6) [6, 7, 173]. In an unstressed cellular
state, PERK, IRE1, and ATF6 are maintained in an inactive state by binding to
BiP/glucose-regulating protein 78 (GRP78), an important ER chaperone. In response to
stress in the ER, GRP78 disassociates from these proteins and preferentially binds to
misfolded proteins in the ER lumen. This leads to PERK and IRE1 homodimerization and
auto-phosphorylation leading to their activation. ATF6 moves to Golgi bodies where it
undergoes cleavage by specific proteases leading to formation of a N-terminal ATF6
fragment which acts as a transcription factor [6]. Although the primary role of the UPR is
to restore homeostasis, chronic stress in the ER can lead to the activation of other
processes which leads to pathological changes in the tissue, including cell mortality [2].
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Accumulating evidence suggests that the components of the UPR play important
role in the satellite stem cell homeostasis and development and regeneration of myofiber
upon injury. Previous studies have shown that the activation of the ATF6 arm of the UPR
mediates apoptosis of a subpopulation of myoblasts that may be susceptible to cellular
stresses, leading to a more efficient formation of myotubes [20, 21]. A recent study has
shown that the PERK/eIF2α arm of the UPR may be required for maintaining satellite
cells in a quiescent state in adult skeletal muscle [28]. Additionally, we recently reported
that PERK is important for satellite cell homeostasis and skeletal muscle regeneration
upon injury. Inactivation of PERK leads to satellite cell mortality during myogenesis,
potentially due to the precocious activation of p38 MAPK [27].
IRE1, which is activated in response to ER stress, has an endonuclease activity
that mediates the unconventional splicing of XBP1 mRNA [7]. Spliced XBP1 (sXBP1) is
a powerful transcription factor that induces gene expression of several UPR and other
molecules in different cell types [5]. Previous studies have shown that the gene
expression of Xbp1 is regulated by MyoD and myogenin in myogenic cells [23].
Intriguingly, gene expression analysis has shown that XBP1 controls the expression of a
large subset of molecules in myogenic cells including those involved in ER function,
cellular growth, and DNA damage and repair processes [24]. Overexpression of sXBP1
inhibits myogenesis leading to the formation of tiny myotubes in C2C12 cultures after
initiation of differentiation program. XBP1 augments the expression of transcription
factor, Mist1, which negatively regulates MyoD activity [24]. Intriguingly, we found that
inducible inactivation of XBP1 in satellite cells had no significant effect on skeletal
muscle regeneration in adult mice [27]. By contrast, our studies in chapter 3 revealed that
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average myofiber size was found to be reduced in skeletal muscle-specific XBP1knockout (XBP1mKO) mice suggesting that XBP1 may regulate development and growth
myofibers in a cell-autonomous or cell non-autonomous manner.
In this study, we demonstrate that the levels of XBP1 are increased in
regenerating skeletal muscle of adult mice. Similarly, XBP1 is upregulated in skeletal
muscle during post-natal growth as well as during overload-induced skeletal muscle
hypertrophy. We found that genetic deletion of XBP1 in myofibers inhibits their
regeneration following muscle injury, potentially due to reduced proliferation and fusion
of satellite cells. We also demonstrated that the targeted ablation of XBP1 reduces postnatal muscle growth and inhibits functional overload-induced myofiber hypertrophy in
adult mice. XBP1 does not affect the rate of protein synthesis during muscle growth.
Rather, XBP1 functions through inducing the proliferation and fusion of satellite cells
with pre-existing myofibers in a cell non-autonomous manner.

4.2 Material and Methods
Animals. C57BL/6 mice were originally purchased from Jackson Laboratories (Bar
Harbor, ME, USA). Skeletal muscle specific XBP1-knockout mice (XBP1mKO) mice
were generated by crossing MCK-Cre mice (Jax strain: B6.FVB(129S4)-Tg (Ckmmcre)5Khn/J) with floxed XBP1 mice (MGI strain: Xbp1tm2Glm)[7] mice, respectively. All
mice were in the C57BL/6 background and their genotype was determined by PCR from
tail DNA.
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Skeletal muscle injury and in vivo fusion assay. At 10 weeks of age, 100 µl of 1.2%
BaCl2 (Sigma Chemical Co.) was injected into the TA muscle of male mice to induce
necrotic injury as described [174, 175]. At various time points, mice were euthanized, TA
muscle was isolated, and processed for biochemical and histological analysis. To study
myoblast fusion in vivo, XBP1f/f and XBP1mko mice were given an intraperitoneal
injection of EdU (4 µg per gram body weight) at day 2 following TA muscle injury by
intramuscular injection of BaCl2 solution. After 11 days of EdU injection, the TA muscle
was isolated and sectioned in a microtome cryostat. For studying myoblast fusion during
post-natal growth period, mice were injected with EdU at day 5 post birth (P5) and
analyzed at the age of 2 weeks (confirm). Transverse muscle sections made were
immunostained with anti-laminin and processed for detection of EdU and nuclei. The
number of intrafiber EdU+ myonuclei/myofiber was quantified using National Institutes
of Health (NIH) ImageJ software.

Synergistic ablation surgery. The mice were subjected to bilateral synergistic ablation
surgery to induce myofiber hypertrophy of the plantaris muscle following a method as
described [154]. In brief, mice were anesthetized using tribromoethanol and the soleus
and ~60% of the gastrocnemius muscles were surgically excised while ensuring that the
neural and vascular supply remained intact and undamaged for the remaining plantaris
muscle. A sham surgery was performed for controls following exactly the same
procedures except that gastrocnemius and soleus muscles were not excised. After 7 or 14
days, plantaris muscle was isolated and processed for histomorphometric and
biochemical analysis. To study the contribution of myoblast fusion in overload-induced
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hypertrophy, 2 days after performing synergistic ablation surgery, XBP1f/f and
XBP1mko mice were given an intraperitoneal injection of EdU (4 µg/g body weight). After
12 days of EdU injection, the plantaris muscle was isolated and transverse muscle
sections made were immunostained with anti-laminin and processed for detection of EdU
and nuclei. The number of intrafiber EdU+myonuclei/myofiber was quantified using NIH
ImageJ software. Samples were blinded for analysis.

Histology and morphometric analysis. Individual TA and soleus muscles were isolated
from mice, snap frozen in liquid nitrogen, and sectioned with a microtome cryostat. For
the assessment of muscle morphology and to quantify fiber cross-sectional area (CSA),
10-µm-thick transverse sections of TA and plantaris muscle were stained with
hematoxylin and eosin (H&E). The sections were examined under an Eclipse TE 2000-U
microscope (Nikon, Tokyo, Japan). Fiber cross-sectional area (CSA) was analyzed in
H&E-stained or Dystrophin-stained muscle sections using ImageJ software (NIH). For
each muscle, CSA was calculated by analyzing 75 fibers per each 20 X image. 5 images
randomly were taken for each mouse, allowing for 375 fibers measured per mouse.

Immunohistochemistry. For immunohistochemistry studies, frozen TA or soleus
muscle sections were fixed in acetone, blocked in 2% bovine serum albumin in PBS for 1
h and subsequently incubated with anti-Pax7 (1:5-1:10, DSHB Cat# pax7,
RRID:AB_528428), anti-Dystrophin (1:100, Sigma Chemical Co.), anti-eMyHC (1:200,
DSHB Cat# F1.652, RRID:AB_447163), or anti-Laminin (1:150, Cell Signaling
Technology Cat# L9393, RRID:AB_477163) in blocking solution at 4°C overnight under
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humidified conditions. The sections were washed briefly with PBS before incubation
with Alexa Fluor® 488 (1:2000, Thermo Fisher Scientific Cat# A-11034,
RRID:AB_2534095) and Alexa Fluor® 594 (1:2000, Thermo Fisher Scientific Cat# A11037, RRID:AB_2534095) secondary antibody for one hour at room temperature and
then washed three times for five minutes with PBS. Nuclei were visualized by
counterstaining with DAPI for five minutes.
To determine the composition of different types of fibers in the TA and soleus
muscle of mice, transverse cross sections were made and blocked in 5% goat serum and
2% bovine serum albumin (BSA) for 30 min, followed by incubation for 1 h with
monoclonal antibodies against type I, IIA, and IIB MyHC isoforms using clone BA-D5,
SC-7, and BF-F3, respectively (Developmental Studies Hybridoma Bank, Iowa City,
IA,USA). Secondary antibody used was goat anti-mouse IgG2b conjugated with Alexa350, goat anti-mouse IgG1 conjugate with Alexa-568, and goat anti-mouse IgM
conjugated with Alexa-488. Finally, the fluorescence was captured with an Eclipse TE
2000-Umicroscope (Nikon), the images were merged, and the percentage of each type of
fibers in whole muscle section was recorded. Fiber CSA of each fiber type was analyzed
using NIH ImageJ software. For each muscle, CSA was calculated for approximately 100
Type I and Type IIA fiber and 300 Type IIB fibers for each mouse.

Primary myoblast cultures. Primary myoblasts were isolated from the hind limbs of 8week-old male or female mice as described [175]. Briefly, hind limb muscles of C57BL6
mice were isolated and excess connective tissues and fat were cleaned in sterile PBS.
Muscle tissues were then minced into coarse slurry and enzymatically digested at 37 °C
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for 1 h by adding 400 IU/ml collagenase II (Worthington). The digested slurry was spun,
pelleted, and triturated multiple times, and then sequentially passed through a 70-µm and
then 30-µm cell strainer (BD Falcon). The filtrate was spun at 1000 × g and suspended in
myoblast growth medium (Ham’s F-10 medium with 20% FBS supplemented with 10
ng/ml of basic fibroblast growth factor). Cells were first re-fed after 3 days of initial
plating. Cells were pre-plated for 15–30 min for the first few passages to select for a pure
myoblast population (cells in suspension). Upon selection of each cell type, the cells were
cultured in their corresponding culturing medium till reaching 80% confluence. To
induce differentiation, the cells were incubated in differentiation medium (DM; 2% horse
serum in DMEM).

Total RNA extraction and QRT-PCR assay. RNA isolation and QRT-PCR were
performed using a published method [58, 59]. In brief, total RNA was extracted from
gastrocnemius (GA) and TA muscles of mice or cultured C2C12 myotubes isolated with
TRIzol reagent (Thermo Fisher Scientific Life Sciences) and an RNeasy Mini Kit
(Qiagen, Valencia, CA, USA) according to the manufacturers’ protocols. First-strand
cDNA for PCR analyses was made with a commercially available kit (Thermo Fisher
Scientific Life Sciences). The quantification of mRNA expression was performed using
the SYBR Green dye (Thermo Fisher Scientific Life Sciences) method on a sequence
detection system (model 7300; Thermo Fisher Scientific Life Sciences). Primers were
designed with Vector NTI software (Thermo Fisher Scientific Life Sciences). Primer
sequences are shown in Appendix 1. Data normalization was accomplished with the
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endogenous control (β-actin), and the normalized values were subjected to a 2DDCt
formula to calculate the fold change between control and experimental groups.

Western blot analysis. Relative levels of various proteins were quantitated by
performing Western blot analysis. TA or GA muscle of mice or primary myotubes were
washed with sterile PBS and homogenized in lysis buffer: 50 mM Tris-Cl (pH 8.0), 200
mM NaCl, 50 mM NaF, 1 mM dithiothreitol, 1 mM sodium orthovanadate, 0.3%
IGEPAL, and protease inhibitors. Approximately 100 mg protein was resolved in each
lane on 10% SDS-polyacrylamide gels, electrotransferred onto nitrocellulose membranes,
and probed with the following antibodies: anti-sXBP-1 (1:1000; Cell Signaling
Technology), anti-phospho-Akt (Ser473) (1:500; Cell Signaling Technology), antiAkt(1:500; Cell Signaling Technology), anti-phospho-mTOR (1:500; Cell Signaling
Technology), anti-mTOR (1:500; Cell Signaling Technology), anti-phospho-ribosomal
protein (rp)S6 (1:500; Cell Signaling Technology), anti-rpS6 (1:000; Cell Signaling
Technology), anti-α-tubulin (1:1000; Cell Signaling Technology), and anti-GAPDH
(1:2000; Cell Signaling Technology). Antibodies were detected by chemi-luminescence.
Quantitative estimation of the bands’ intensity was performed with ImageJ software
(NIH).

SUnSET assay. In vivo, the mice were anesthetized and given i.p. injection of 0.04 µM
of puromycin per gram of body weight. The mice were euthanized exactly 30 minutes
after injection of puromycin, and hind limb muscle was isolated and snap-frozen. For
cultured myotubes, 1 µM puromycin was added in the culture medium for 30 minutes.
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Finally, protein extracts were made from muscles or cultured myotubes, and newly
synthesized protein was detected by performing immunoblotting using primary antibody
anti-puromycin (1:1,000; catalog MABE343, MilliporeSigma).

Statistical analysis. Results are expressed as mean + standard deviation (SD). For
statistical analyses, we used unpaired two-tailed Student’s t-test. A value of P < 0.05 was
considered statistically significant, unless otherwise specified.

4.3 Results
4.3.1 Myofiber-specific deletion of XBP1 inhibits skeletal muscle regeneration in
adult mice. We first investigated how the protein expression of spliced and total XBP1 is
affected in injured skeletal muscle of adult mice. Tibialis anterior (TA) muscle of
C57BL/6J mice was injected with 1.2% BaCl2 solution, a widely used myotoxin for
experimental muscle injury in mice, as previously described [175, 176]. The contralateral
TA muscle was injected with saline only and served as control. After 5 or 14 days, the
TA muscles were isolated and the levels of spliced XBP1 (sXBP1) and total XBP1
(tXBP1) were measured by performing Western blot. Results showed that levels of
sXBP1 were significantly increased in injured TA muscle compared to contralateral
uninjured muscle. Moreover, we observed that tXBP1 levels were significantly decreased
in injured TA muscle as compared to control (Figure 4.1A, B).
To investigate the role of XBP1 in skeletal muscle regeneration after injury, we
generated muscle-specific XBP1-KO mice (henceforth XBP1mKO) by crossing floxed
XBP1 (XBP1f/f) mice with MCK-Cre mice. At 10 weeks of age, the TA muscle of
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littermate XBP1f/f and XBP1mKO mice was injected with 100 µl of 1.2% BaCl2 solution to
induce necrotic muscle injury. Muscle regeneration was evaluated at day 5 and 14 postBaCl2 injection. There was no overt difference in TA muscle regeneration between
XBP1f/f and XBP1mKO mice at day 5 post-injury (Figure 4.1C). However, average crosssectional area (CSA) and minimal Feret’s diameter of regenerating myofibers was
significantly reduced in TA muscle of XBP1mKO mice compared to XBP1f/f mice both at
5d and 14d post-injury (Figure 4.1D-G). Moreover, the percentage of myofibers
containing two or more centrally located nuclei was significantly reduced in 5dinjured TA muscles of XBP1mKO mice as compared to XBP1f/f mice (Figure 4.1H).
Collectively, these results suggest that myofiber-specific inhibition of XBP1 diminishes
skeletal muscle regeneration after acute injury.

4.3.2 Ablation of XBP1 inhibits the expression of myogenic markers during skeletal
muscle regeneration in mice. Embryonic isoform of myosin heavy chain (eMyHC) is
highly expressed in newly regenerating myofibers. To further confirm the role of XBP1
in skeletal muscle regeneration, we examined the number of myofibers expressing
eMyHC. After 5 days of injury, the TA muscle was isolated and analyzed by performing
immunostaining for eMyHC and Laminin. Nuclei were stained with DAPI (Figure 4.2A).
This analysis showed that the number of eMyHC+ myofibers within Laminin staining was
significantly reduced in 5d-injured TA muscle of XBP1mKO mice compared to XBP1f/f
mice (Figure 4.2B). Moreover, the average CSA of eMyHC+ myofibers was
significantly reduced in TA muscle of XBP1mKO mice as compared to corresponding
injured TA muscle of XBP1f/f mice (Figure 4.2C). We also found that mRNA levels of
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eMyHC (gene name: Myh3) were significantly reduced in 5d-injured TA muscle of
XBP1mKO mice compared to corresponding muscle of littermate XBP1f/f mice (Figure
4.2D). Skeletal muscle regeneration involves sequential expression of essential myogenic
regulatory factors: Myf5, MyoD, and myogenin [25, 26]. Interestingly, we found that
mRNA levels of MyoD and myogenin were significantly reduced in 5d-injured TA
muscle of XBP1mKO mice compared with XBP1f/f mice (Figure 4.2E). Collectively, these
results suggest that the XBP1 transcription factor plays an important role in skeletal
muscle regeneration in adult mice.

4.3.3 Targeted deletion of XBP1 reduces the number of satellite cells in regenerating
skeletal muscle. To understand the cellular mechanisms through which XBP1 regulates
muscle regeneration, we next investigated whether the deletion of XBP1 in myofibers
affects the abundance of satellite cells in regenerating muscle. Transcription factor Pax7
is commonly used as a marker to label both quiescent and activated satellite cells [25].
TA muscle sections from XBP1f/f and XBP1mKO mice were immunostained for Pax7 to
detect satellite cells. The sections were also immunostained for Laminin to mark the
boundary of the myofibers and counterstained with DAPI to identify nuclei. There was no
significant difference in the number of Pax7+ cells in uninjured TA muscle of XBP1f/f and
XBP1mKO mice (data not shown). Intriguingly, we found that the number of Pax7+ cells
was significantly reduced in 5d-injured TA muscle of XBP1mKO mice compared to
littermate XBP1f/f mice (Figure 4.3 A,B). Furthermore, mRNA levels of Pax7 were also
significantly reduced in 5d-injured TA muscle of XBP1mKO mice as compared to XBP1f/f

119

mice (Figure 4.3C). These results suggest that myofiber-specific deletion of XBP1
reduces the number of satellite cell in regenerating skeletal muscle of adult mice.
We next investigated the role of XBP1 in the proliferation and fusion of satellite
cells. TA muscle of XBP1f/f and XBP1mKO mice were injured by intramuscular injection
of 1.2% BaCl2 solution. After 48h, the mice were given an intraperitoneal (i.p.) injection
of EdU and the number of EdU+ nuclei in the TA muscle was determined 12 days later. A
significant reduction in EdU+ nuclei was observed in TA muscle of XBP1mKO mice
compared with XBP1f/f mice (Figure 4.3D, E). Moreover, we found mRNA levels of
Myomaker, an essential fusion molecule, were also significantly reduced in 5d-injured
TA muscle of XBP1mKO mice compared with XBP1f/f mice (Figure 4.3F). Taken
together, these results suggest that XBP1-mediated signaling in myofibers promotes the
proliferation and fusion of satellite cells with injured myofibers to promote muscle
regeneration.

4.3.4 XBP1 mediates post-natal skeletal muscle growth. We also investigated how the
levels of XBP1 are regulated in skeletal muscle of young and adult mice. Our analysis
showed that the protein levels of sXBP1 were significantly higher in skeletal muscle of 2week mice compared to adult 12-week old mice (Figure 4.4 A,B). To understand what
role XBP1 has in post-natal skeletal muscle development, we euthanized littermate
XBP1f/f and XBP1mKO mice at 2 weeks of age and performed histological and
biochemical analysis. Initially, TA muscle transverse sections were generated and stained
with H&E to assess skeletal muscle morphology (Figure 4.4C). Interestingly, the average
myofiber CSA of TA muscle was significantly reduced in XBP1mKO mice compared to
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XBP1f/f mice (Figure 4.4D). One possible explanation for the decrease in average
myofiber CSA is a possible change in muscle fiber type after the deletion of XBP1.
Skeletal muscle is made up of 3 distinct types of fibers. Type I fibers are considered as
slow-type fiber due to its composition of large amounts of mitochondria, resistance to
fatigue, and smaller CSA. In contrast, Type IIA and IIB fibers are considered fast type
fibers, contain fewer amounts of mitochondria, and are more fatigable. Type IIB fibers
are mostly glycolytic and correspond to the largest CSA [125]. To investigate whether
deletion of XBP1 affects the composition of slow- and fast-type fibers in skeletal muscle,
we prepared transverse sections of the TA muscles and stained them with anti-myosin
heavy chain (MyHC) types I, IIA, and IIB. Representative images of TA sections are
presented in Figure 4.4E. Interestingly, a significant increase in Type I and IIA fibers
and a significant decrease in Type IIB was noticeable in TA muscle of 2-week old
XBP1mKO mice compared with XBP1f/f mice (Figure 4.4F). This was further confirmed
by QRT-PCR analysis where we demonstrate a significant increase in mRNA levels of
MyHC I and MyHC IIA and significant decrease in MyHC IIB in TA muscle of
XBP1mKO mice compared to XBP1f/f (Figure 4.4G). Moreover, analysis of each fiber
type average CSA suggested a decrease in myofiber size of type I, IIA, and IIB in
XBP1mko mice as compared to XBP1f/f (Figure 4.4H).
Skeletal muscle growth during post-natal development also involves myonuclear
accretion, which occurs due to the proliferation of satellite cells and fusion of myoblasts
with mature myofibers (18, 24, 43, 44). We next evaluated the effect of myofiber-specific
deletion of XBP1 on satellite cell proliferation and fusion. TA muscle sections from 2week old XBP1f/f and XBP1mKO mice were immunostained for Pax7, Laminin, and DAPI
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to identify satellite cells. Interestingly, we found that the number of Pax7+ cells was
significantly reduced in 2-week TA muscle of XBP1mKO mice compared to littermate
control mice (Figure 4.5 A,B). However, our results did not indicate any significant
difference in the mRNA levels of Pax7, whereas they did reveal a significant increase in
myogenic markers eMyHC and MyoD (Figure 4.5 C).
We next evaluated the role of XBP1 in myonuclear accretion at 2-weeks of age by
measuring the amount of DAPI labeled nuclei within the anti-Dystrophin-stained
sarcolemma (Figure 4.5D). Interestingly, the number of myonuclei residing within the
dystrophin-stained sarcolemma of the TA muscle was significantly reduced in 2-week old
XBP1mKO mice as compared to XBP1f/f mice (Figure 4.5E). Lastly, we analyzed the
proliferation of satellite cells during skeletal muscle growth post-birth. At post-natal day
7, the mice were given an i.p. injection of EdU and the number of EdU+ nuclei in the TA
muscle was determined 14 days later. Interestingly, a significant reduction in EdU+ nuclei
was observed in TA muscle of XBP1mKO mice compared with XBP1f/f mice at post-natal
day 21 (Figure 4.5 F,J). Collectively, these results suggest that targeted deletion of
XBP1 prevents post-natal muscle growth, potentially through inhibiting satellite cell
proliferation and their fusion to myofibers.

4.3.5 XBP1 mediates myofiber hypertrophy in response to functional overload.
During exercise, skeletal muscle experiences skeletal muscle injury before undergoing
hypertrophy [177]. We next investigated whether the levels of XBP1 change during
skeletal muscle growth in response to functional overload. After 5 days of synergistic
ablation (SA) surgery, the mice were euthanized and plantaris muscle was isolated and
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analyzed for biochemistry. Representative immunoblots (Figure 4.6A) and densitometry
quantification of bands in immunoblots (Figure 4.6B) showed that the protein levels of
sXBP1 were significantly increased in plantaris muscle after 5d of performing SA
surgery. Moreover, semi-quantitative RT-PCR analysis revealed an increase in the sXBP1
mRNA levels in 5d-loaded plantaris muscle compared with corresponding control muscle
(Figure 4.6C).
To investigate the role of XBP1 in overload-induced skeletal muscle growth, 10week old XBP1f/f and XBP1mKO mice were subjected to sham or SA surgery. After 7 or
14 days, the mice were euthanized and the plantaris muscle was isolated and analyzed.
Results showed that the wet weight of the plantaris muscle was significantly decreased in
XBP1mKO mice compared to XBP1f/f mice (Figure 4.6D). Next, we generated transverse
sections of plantaris muscle followed by performing H&E staining and morphological
analysis (Figure 4.6E). Interestingly, average myofiber CSA was significantly reduced in
plantaris muscle of XBP1mKO mice compared to littermate XBP1f/f mice at day 14 postSA surgery (Figure 4.6F). Moreover, the percentage increase in myofiber CSA after SA
surgery was significantly less in plantaris of XBP1mKO mice compared to XBP1f/f mice
(Figure 4.6G). Altogether, these results suggest that XBP1 promotes overload-induced
myofiber hypertrophy in adult mice.

4.3.6 Genetic ablation of XBP1 inhibits satellite cell proliferation during overloadinduced myofiber hypertrophy. To understand the mechanisms through which XBP1
promotes muscle hypertrophy in adult mice, we investigated the role of XBP1 in satellite
cell proliferation and fusion during overload-induced myofiber hypertrophy. At day 14
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after SA surgery, plantaris muscle was isolated and transverse sections immunostained
for Pax7, Laminin, and DAPI to identify satellite cells. Interestingly, the number of Pax7+
cells was significantly reduced in 14d-loaded plantaris muscle of XBP1mKO mice
compared to littermate XBP1f/f mice (Figure 4.7A,B). Next, we investigated whether the
deletion of XBP1 had any effect on myonuclear accretion 14 days after SA surgery.
Interestingly, the number of myonuclei residing within the Dystrophin-stained
sarcolemma of the plantaris muscle was significantly reduced in XBP1mKO mice
compared to XBP1f/f mice (Figure 4.7C,D). Finally, we investigated whether the deletion
of XBP1 in myofibers affects fusion of muscle progenitor cells with myofibers during
overload-induced muscle hypertrophy. For this experiment, XBP1f/f and XBP1mKO mice
were given an i.p. injection of EdU at day 2 post-SA surgery and 12 days later, plantaris
muscle was isolated and analyzed. Interestingly, a significant reduction in EdU+ nuclei
was observed in overloaded plantaris muscle of XBP1mKO mice compared with XBP1f/f
mice (Figure 4.7E,F).
Skeletal muscle growth in response to functional overload involves an increase in
the rate of protein synthesis, which is mediated primarily through the activation of
Akt/mTOR/p70S6K signaling pathway [137, 178, 179]. We next investigated the rate of
protein synthesis and the activation of the components of the Akt/mTOR/p70S6K
pathway in skeletal muscle of 7d-loaded plantaris muscle. We performed SuNSET assay
to measure the rate of protein synthesis. An increase in protein synthesis (i.e. puromycintagged proteins) was clearly visible in plantaris muscle 7 days after SA surgery (Figure
4.6G). However, there was no significant difference in the amounts of puromycin-tagged
proteins in TA muscle of 7d-overloaded plantaris muscle of XBP1f/f and XBP1mKO mice.
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As expected, we observed a considerable increase in the levels of p-Akt, p-p70S6K, and
p-mTOR in plantaris muscle at day 7 after performing SA surgery (Figure 4.7G).
However, there was no significant difference in the levels of p-Akt, p-p70S6K, or pmTOR in 7d-loaded plantaris muscle of XBP1f/f and XBP1mKO mice (Figure 4.7H).
Taken together, these results suggest that XBP1 promotes overload-induced myofiber
hypertrophy through augmenting satellite cell proliferation and fusion, but without
affecting on the rate of protein synthesis.

4.3.7 XBP1 is essential for myoblast fusion in vitro. We next investigated the effects of
knockdown of XBP1 on myoblast differentiation and fusion in vitro. Primary myoblasts
were incubated in differentiation medium (DM) for 24 hours followed by transducing
with adenoviral vector for a scrambled shRNA or XBP1 shRNA. The cultures were
incubated in DM for an additional 48h, followed by analysis for myotube formation and
expression of fusion-related molecules. Interestingly, we found that the knockdown of
XBP1 caused a significant reduction in myotube diameter (Figure 4.8A,B). Furthermore,
the knockdown of XBP1 caused a significant increase in the number of myotubes
containing less than 2 nuclei and a significant decrease in myotubes containing more than
5 nuclei (Figure 4.8C). Our QRT-PCR analysis revealed a drastic reduction in mRNA
levels of XBP1 in cultures transduced with Ad.XBP1 shRNA (Figure 4.8D). We also
measured gene expression of a few molecules that are known to promote myoblast fusion
during myogenesis. Our analysis showed that knockdown of XBP1 significantly reduced
mRNA levels of Myomaker and TWEAK, while having no effect on mRNA levels of Ncadherin and Nephronectin (Figure 4.8D).
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4.3.8 Forced expression of XBP1 reduces myoblast fusion in vitro. Since knockdown
of XBP1 inhibits myoblast fusion, we next sought to determine whether overexpression
of XBP1 can induce fusion of cultured myoblasts. Primary myoblasts were incubated in
DM for 24h followed by transduction with adenoviral vector expressing control or
sXBP1 cDNA. The cells were then incubated in DM for an additional 48h (Figure 4.9A).
Interestingly, we found that overexpression of sXBP1 also reduced myotube diameter
(Figure 4.9B). Overexpression of XBP1 resulted in a significant increase in the number
of myotubes containing less than 2 nuclei and a significant decrease in myotubes
containing more than 5 nuclei (Figure 4.9C). However, there were no significant effects
on the gene expression of myoblasts fusion molecules: Myomaker, N-cadherin, and
Nephronectin. Interestingly, we found a significant increase in mRNA levels of TWEAK
(Figure 4.9D). Collectively, these results suggest that while XBP1 is essential for
myoblast differentiation and fusion, supra-physiological activation of XBP1 inhibits
myotube formation in myogenic cultures.

4.4 Discussion
Myofibers grow in size due to the increased rate of protein synthesis as we as nuclear
accretion, which occurs due to the activation and fusion of muscle progenitor cells to
myofibers [180, 181]. Recent studies have demonstrated that the markers of ER
stress/UPR are increased in skeletal muscle in response to endurance exercise and in
other conditions of skeletal muscle growth [60, 62, 63, 70, 182]. The importance of the
UPR pathways in development and homeostasis is evidenced by the finding that genetic
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deletion of PERK, IRE, or ATF6α/β causes growth retardation, pancreatic dysfunction,
and embryonic lethality in mice [12, 131-133, 183]. Moreover, XBP1, a direct target of
IRE1, is essential for the functioning of intestinal epithelial cells, immune cells,
hepatocytes [184], and adipocytes [185], as well as for the development of professional
secretory cells, such as: B cells, hepatocytes, and pancreatic β cells [186, 187]. However,
the role of XBP1 in the regulation of skeletal muscle growth or regeneration remained
unknown. The results of the present study suggest that the transcription factor XBP1 is an
essential regulator of skeletal muscle growth and regeneration following injury.
In this study, we have discovered that the levels of sXBP1 are increased in
skeletal muscle during regeneration (Figure 4.1A), post-natal growth (Figure 4.4A), and
in a model of overload-induced hypertrophy (Figure 4.6A). Our results further
demonstrate that the myofiber-specific deletion of XBP1 inhibits skeletal muscle
regeneration and overload-induced muscle hypertrophy in adult mice. Similarly, we
found that the myofiber-specific deletion of XBP1 inhibits skeletal muscle growth postbirth. Satellite cells are essential for skeletal muscle regeneration [188, 189],
development [190], and myofiber hypertrophy [191]. We have recently reported that the
inducible deletion of XBP1 in satellite cells does not affect their function during
regenerative myogenesis in adult mice [27]. It is now increasing clear that satellite cell
function can be influenced by a variety of factors that are produced by other cell types
and are present in the injured muscle microenvironment. Indeed, we have previously
demonstrated that the deletion of TNF receptor-associated factor 6 (TRAF6) in myofiber
and satellite cells produce opposite effects on skeletal muscle regeneration [174, 175].
Intriguingly, we found that the myofiber-specific deletion of XBP1 significantly reduced
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the number of satellite cells in skeletal muscle in the “settings” of muscle regeneration,
and overload-induced myofiber hypertrophy implying that XBP1 regulates satellite cell
proliferation and function in a cell non-autonomous manner.
Myofiber formation follows the coordinated activation of Myf5, MyoD, and
myogenin [26, 192]. Specifically, inducible expression of Myf5 and MyoD is necessary
for the activation and proliferation of satellite cells [192]. Interestingly, genetic ablation
of XBP1 resulted in a significant reduction in the levels of MyoD and myogenin in
regenerating skeletal muscle of adult mice (Figure 4.2E). Moreover, the number of
eMyHC+ myofibers and mRNA levels of eMyHC were significantly diminished in
regenerating muscle of XBP1mKO mice compared with XBP1f/f mice further confirming
that deletion of MyD88 inhibits regenerative myogenesis (Figure 4.2). Interestingly,
mRNA levels of eMyHC were found to be significantly increased in 2-week old
XBP1mKO mice (Figure 4.5C), potentially due to a delay in skeletal muscle development.
A more comprehensive examination of these markers during the post-natal period would
be essential to understand whether deletion of XBP1 inhibits muscle growth or myogenic
differentiation.
The proliferation of satellite cells is a necessary step prior to the ultimate addition
of myonuclei to growing myofibers [193]. Myonuclear accretion involves the fusion of
myoblasts with mature myofibers and is known to be paramount for skeletal muscle
development and growth (18, 24, 43, 44). Interestingly, we found that the myofiberspecific deletion of XBP1 attenuates myonuclear accretion by inhibiting myoblast fusion
during post-natal growth (Figure 4.5 F, G) and overload-induced hypertrophy (Figure
4.7C-F). Therefore, increased activation of the transcription factor XBP1 appears to be
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an important mechanism to promote myonuclear accretion under multiple physiological
conditions.
In addition to myoblast fusion, skeletal muscle increases its size through
increasing the rate of protein synthesis in myofibers [44, 194]. Indeed, we have recently
reported that pan-inhibition of ER stress using the pharmacological agent, 4-PBA,
inhibits the rate of protein synthesis in cultured myotubes [159]. Moreover, there is also
the possibility that the inhibition of IRE1/XBP1 can lead to the activation of the other
arms of the UPR. Indeed, it is well established that activation of the PERK arm of the
UPR inhibits protein synthesis through phosphorylation of eIF2α [6, 157]. Interestingly,
deletion of XBP1 did not have any significant impact on the rate of protein synthesis or
activation of Akt/mTOR pathway in skeletal muscle in response functional overload
(Figure 4.7G, H).
Our results indicate that XBP1 regulates satellite cell proliferation and fusion in a
cell non-autonomous manner as evidenced by the findings that the number of EdU+
nuclei within the sarcolemma was significantly reduced in skeletal muscle of XBP1mKO
mice compared to XBP1f/f mice during muscle regeneration (Figure 4.3D), post-natal
development (Figure 4.5A, B), or overload-induced muscle hypertrophy (Figure 4.7E).
Moreover, the deletion of XBP1 led to reduced number of myofibers containing 2 or
more nuclei after skeletal muscle injury (Figure 4.1H). Furthermore, shRNA-mediated
knockdown of XBP1 inhibited the formation of multinucleated myotubes in primary
myoblast cultures (Figure 4.8A-C). It is now established that myoblast fusion involves
the increased expression of a number of cell adhesion and transmembrane molecules that
accumulate at contact sites between the two myogenic cells during myogenesis [26, 195].
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Our results demonstrate that gene expression of Myomaker, a critical protein for
myoblast fusion, is inhibited in regenerating skeletal muscle of XBP1mKO mice compared
to littermate control mice (Figure 4.3F). Similarly, knockdown of XBP1 also reduced the
gene expression of Myomaker in cultured myotubes (Figure 4.8D). However, it remains
to be investigated whether XBP1 directly induces gene expression of Myomaker or it is a
result of inhibition of myogenic differentiation.
Recently, XBP1 was shown to regulate the expression of several
cytokines/myokines, such as IL-6 and TNF-α, which have previously been shown to
induce satellite cell proliferation and fusion during skeletal muscle hypertrophy [156,
181]. It has been suggested that toll-like receptors (TLRs) through activation of myeloid
differentiation primary response gene 88 (MyD88) signaling leads to the activation of
XBP1, which then induces the gene expression of IL-6 and TNF-α [156]. Indeed, we
recently reported that MyD88 promotes myoblast fusion independent of TLRs [154].
Thus, it remains possible that XBP1 is essential for the regulation of important myokines,
such as IL-6 and TNF-α, and activation of these myokines in turn stimulates proliferation
and fusion of satellite cells. However, a direct link between XBP1 and these myokines is
lacking in skeletal muscle.
Recently, Enwere et al. have shown that low concentrations of TWEAK cytokine
augment the fusion of cultured primary myoblasts, primarily through activating the noncanonical NF-κB pathway [196]. This is further demonstrated by studies showing that the
TWEAK receptor, Fn14, is essential for myotube formation in cultures and for the
regeneration of adult skeletal muscle in response to injury [197, 198]. Interestingly, we
found that knockdown of XBP1 also inhibits the gene expression of TWEAK in cultured

130

myoblasts (Figure 4.8D). Although not statistically significant, overexpression of sXBP1
showed a trend towards an increase in the mRNA levels of TWEAK in cultured
myoblasts (Figure 4.9D) suggesting that XBP1 promotes myoblast fusion, at least in
part, through increasing the levels of TWEAK.
In summary, the results of the present chapter suggest that XBP1-mediated
signaling in myofibers promote satellite cell proliferation and fusion in a non-cell
autonomous manner. XBP1 may be important for increased production of myokines
responsible for the proliferation and fusion of satellite cells. More investigations are
needed to further understand the mechanisms especially gene network that XBP1
regulates during skeletal muscle formation and growth.

131

FIGURE 4.1
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FIGURE 4.1: XBP1 is required for skeletal muscle regeneration. TA muscle of 3month old mice C57BL/6J mice was injured by intramuscular injection of 1.2% BaCl2
solution. The muscle was isolated at day 5 or 14 and analysed by performing Western
blot. (A) Immunoblots and (B) densitometry quantification of sXBP1, tXBP1, and
GAPDH in control and injured TA muscle. N=3/group. 3-month old XBP1f/f and
XBP1mKO mice were injected with 1.2% BaCl2 in TA muscle and muscle regeneration
was studied at day 5 or 14 post-injury. (C) Representative photomicrographs of H&Estained TA muscle sections are presented here. Scale 50µm. Quantification of average
(D) myofiber CSA, and (E) minimal Feret’s diameter in 5d-injured TA muscle sections
of XBP1f/f and XBP1mKO mice. Quantification of average (F) myofiber CSA and (G)
minimal Feret’s diameter of TA muscle sections of XBP1f/f and XBP1mKO mice at day 14
post-BaCl2-mediated injury. (H) Percentage of myofibers containing 2 or more central
nuclei. Error bars represent SD. *p<0.05, values significantly different from
corresponding muscle of XBP1f/f mice.
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FIGURE 4.2
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FIGURE 4.2: Genetic deletion of XBP1 reduces levels of eMyHC and myogenic
regulatory factors. (A) Representative photomicrographs showing eMyHC+ myofibers
in 5d-injured TA muscle of XBP1f/f and XBP1mKO mice. Scale 50µm. (B) Percentage of
eMyHC+ cells in 5d-injured TA muscle of XBP1f/f and XBP1mKO mice. (C)
Quantification of average CSA of eMyHC+ myofibers. Relative mRNA levels of (D)
eMyHC (i.e. Myh3), and (E) MyoD and myogenin in control and 5d-injured TA muscle
of XBP1f/f and XBP1mKO mice. n= 4-6 per group. Error bars represent SD. *p<0.05,
values significantly different from XBP1f/f mice. #p<0.05, values significantly different
from injured XBP1f/f mice.
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FIGURE 4.3

136

FIGURE 4.3: Myofiber-specific ablation of XBP1 inhibits proliferation and fusion
of satellite cells. (A) Representative photomicrographs of Pax7/Laminin/DAPI-stained
TA muscle sections of XBP1f/f and XBP1mKO mice at day 5 post BaCl2-mediated injury.
(B) Quantification of number of Pax7+ cells in 5d-injured TA muscle of XBP1f/f and
XBP1mKO mice. Scale 50µm. (C) Relative mRNA levels of Pax7 in control and 5dinjured TA muscle of XBP1f/f and XBP1mKO mice. Two days after BaCl2-mediated TA
muscle injury, the mice were given an intraperitoneal injection of EdU and analyzed 12
days later. (D) Representative photomicrographs of Edu/ Laminin/DAPI staining of TA
muscle sections at day 14 post-injury. Scale 50µm. (E) Quantification of number of EdU+
nuclei in 14d-injured TA muscle sections of XBP1f/f and XBP1mKO mice. (F) Relative
mRNA levels of Myomaker in control and 5d-injured TA muscle of XBP1f/f and
XBP1mKO mice. N= 4-6/group. Error bars represent SD. *p<0.05, values significantly
different from XBP1f/f mice. #p<0.05, values significantly different from injured XBP1f/f
mice.
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FIGURE 4.4
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FIGURE 4.4: Genetic deletion of XBP1 inhibits post-natal skeletal muscle growth.
GA muscle of 2-week or 12-week old mice was isolated and processed to measure the
levels of sXBP1. (A) Representative immunoblot, and (B) densitometry quantification of
sXBP1 and an unrelated protein, tubulin in GA muscle. N = 3 /group (C) Representative
photomicrographs of H&E-stained TA muscle sections of 2-week old XBP1f/f and
XBP1mKO mice. Scale 50µm. (D) Quantification of average myofiber CSA in TA muscle
of 2-week old XBP1f/f and XBP1mKO mice. TA muscle sections prepared from 2-week old
XBP1f/f and XBP1mKO mice were subjected to triple immunostaining for MyHC I, IIA,
and IIB protein. (E) Representative photomicrographs of triple-stained whole sections of
TA muscle. Scale bar, 50 µm. (F) Quantification of the percentage of each fiber type in
different groups. (G) Relative mRNA levels of MyHC I, MyHC IIA, and MyHC IIB in
TA muscle of 2-week old XBP1ff and XBP1mKO mice. (H) Average CSA of Type IIA and
IIB fibers in the TA muscle of mice in each group. N=5-7/group. Error bars represent SD.
*p<0.05, values significantly different from XBP1f/f mice.
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FIGURE 4.5
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FIGURE 4.5. Genetic deletion of XBP1 reduces proliferation and fusion of satellite
cells in 2-week old mice. (A) Representative photomicrographs of TA muscle of
XBP1f/f and XBP1mKO mice after staining with anti-Pax7, anti-Laminin, and DAPI. (B)
Quantification of number of Pax7+cells in TA muscle of XBP1f/f and XBP1mKO mice.
Scale 50µm. (C) Relative mRNA levels of Pax7, MyoD, and eMyHC in skeletal muscle
of 2-week old XBP1f/f and XBP1mKO mice (D) Representative photomicrographs of TA
muscle sections after staining with anti-dystrophin and DAPI. (E) Quantification of
average number of nuclei within the dystrophin-stained myofiber. Scale 50µm. One week
old XBP1f/f and XBP1mKO mice were injected with EdU and euthanized at the age of 3
weeks. (F) Representative photomicrographs, and (G) quantification of average number
of EdU+ nuclei in TA muscle of XBP1f/f and XBP1mKO mice. Scale bar: 50µm. N= 57/group. Error bars represent SD. *p<0.05, values significantly different from XBP1f/f
mice.
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FIGURE 4.6
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FIGURE 4.6: Targeted ablation of XBP1 inhibits overload-induced muscle
hypertrophy in adult mice. 10-week old C57BL6 mice were subjected to synergistic
ablation (SA) surgery of the GA and soleus muscle. After 5 days, plantaris muscle was
isolated and analysed by performing Western blot. (A) Representative immunoblot, and
(B) densitometry quantification of sXBP1 and GAPDH ratio in sham- and 5d-loaded
plantaris muscle. (C) Representative agarose gel of semi-quantitative RT-PCR showing
relative amounts of spliced XBP1 (sXBP1) and unspliced XBP1 (uXBP1) and an
unrelated gene β-Actin in sham and 5d-loaded plantaris muscle. N=3/group. (D) Wet
weight of plantaris muscle normalized to body weight of XBP1f/f and XBP1mKO mice at
7d and 14d after performing SA surgery. (E) Representative photomicrographs of H&Estained sections of sham- and 7d-loaded plantaris muscle of XBP1f/f and XBP1mKO mice.
Scale, 50µm. (F) Quantification of average fiber CSA in plantaris muscle of XBP1f/f and
XBP1mKO mice after 2 weeks of performing SA surgery. (G) Quantification of percentage
increase in myofiber CSA after 2 weeks of functional overload in XBP1f/f and XBP1mKO
mice. N= 8-10/group. Error bars represent SD. *p<0.05, values significantly different
from XBP1f/f mice. #p<0.05, values significantly different from loaded muscle of XBP1f/f
mice.
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FIGURE 4.7
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FIGURE 4.7: Myofiber-specific deletion of XBP1 inhibits satellite cell proliferation
and fusion during functional overload. (A) Representative photomicrographs of 14dloaded plantaris muscle sections of XBP1f/f and XBP1mKO mice after staining with antiPax7, anti-laminin, and DAPI. (B) Quantification of number of Pax7+ cells in 14d-loaded
plantaris muscle of XBP1f/f and XBP1mKO mice. Scale 50µm. (C) Representative
photomicrographs of 14d-loaded plantaris muscle sections after staining with antidystrophin and DAPI. (D) Quantification of average number of nuclei within antidystrophin-stained myofibers in plantaris muscle of XBP1f/f and XBP1mKO mice. Scale
bar, 50µm. 10-week old XBP1f/f and XBP1mKO mice were subjected to synergistic
ablation surgery. After 2d, the mice were given i.p. injection of EdU and number of EdU+
nuclei was measured 12d later. (E) Representative photomicrographs of 14d-loaded
plantaris muscle sections after staining for EdU, anti-laminin, and DAPI. Scale bar:
50µm. (F) Quantification of number of EdU+ nuclei in 14d-loaded plantaris muscle of
XBP1f/f and XBP1mKO mice. N=5-7/group. (G) Western Blot analysis demonstrate the
levels of puromycin-tagged protein in sham (S) or 14d-overlaoded (O) plantaris muscle
of XBP1f/f and XBP1mKO mice. (H) Western Blot analysis of p-mTOR, mTOR, p-AKT,
AKT, p-p70S6K, p70S6K, and unrelated protein GAPDH in sham (S) or 14d-overlaoded
(O) plantaris muscle of XBP1f/f and XBP1mKO mice. N= 3-4/group. Error bars represent
SD. *p<0.05, values significantly different from XBP1f/f mice.
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FIGURE 4.8
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FIGURE 4.8: Knockdown of XBP1 inhibits myotube formation in cultured
myoblasts. Primary myoblasts were incubated in differentiation medium (DM) for 24h.
The cells were then transduced with adenoviral vectors expressing scrambled (i.e.
control) or XBP1 shRNA and incubated in DM for additional 48h. (A) Representative
photomicrographs adenoviral transduced (i.e. GFP+) myotubes after staining with DAPI.
Scale bar: 50µm. (B) Average myotube diameter in control and XBP1 shRNA-expressing
cultures. (C) Percentage of myotubes containing indicated number of nuclei in control
and XBP1 shRNA-expressing cultures. (D) Relative mRNA levels of XBP1, N-cadherin,
Myomaker, Nephronectin, and TWEAK in control and XBP1 shRNA-expressing
cultures. N= 4-6/group. Error bars represent SD. *p<0.05, values significantly different
from scrambled shRNA-expressing myotubes.
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FIGURE 4.9
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FIGURE 4.9: Overexpression of XBP1 inhibits fusion of cultured myoblasts. Primary
myoblasts were incubated in DM for 24h followed by addition of adenoviral vectors
expressing GFP only or GFP along with sXBP1 cDNA. The cells were then incubated in
DM for an additional 48 h. (A) Representative photomicrographs of GFP-expressing
myotubes co-stained with DAPI. Scale bar: 50µm. (B) Average myotube diameter of
control and sXBP1-overxpressing cultures. (C) Percentage of myotubes containing
various amounts of nuclei in control and sXBP1-overexpressing myogenic cultures. (D)
Relative mRNA levels of XBP1, N-cadherin, Myomaker, Nephronectin, and TWEAK in
control and sXBP1-overexpressing cultures. N= 4-6/group. Error bars represent SD.
*p<0.05, values significantly different from cultures transduced with Ad.Control vector.
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CHAPTER 5

CONCLUSIONS AND FUTURE WORK

This chapter summarizes the work presented in this dissertation and discusses its
implications in understanding the role of ER stress and the Unfolded Protein Response
(UPR) in the regulation of skeletal muscle physiology and pathophysiology. It also
highlights the significance of the findings obtained throughout this dissertation while
acknowledging the limitations in implementing such findings in future research.

5.1 Review of Dissertation. Skeletal muscle is a highly plastic tissue that can be
adaptable to a number of different cellular stresses. The endoplasmic reticulum (ER) is an
organelle that is essential for the folding and trafficking of various proteins in the
mammalian cell. In conditions of increased load of unfolded/misfolded proteins, the ER
initiates the UPR to aid in the proper folding and/or removal of the misfolded proteins.
However, under conditions of unmitigated ER stress, the activation of the UPR can lead
to inflammation and cell death. Prior to the work in this dissertation, there were only few
reports which suggested that the UPR get activated in specific physiological and
pathological conditions. There was also some studies which implicated the role of ER
stress and UPR pathways in the regulation of skeletal myogenesis (reviewed in chapter
1). However, the role of individual arms of the UPR in the regulation of skeletal muscle
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mass and function was largely unknown. We were the first to report activation of all the
three arms of the UPR in skeletal muscle of mice during cancer-induced cachexia. To
obtain insights into the role of ER stress and UPR pathways, we first used a
pharmacological approach followed by generation and use of genetic mouse models.
This dissertation highlights the importance of physiological levels of ER stress and the
role of the IRE1α/XBP1 pathway in skeletal muscle homeostasis. Our investigations
revealed a duel role of the IRE1α/XBP1 arm of the UPR in the regulation of skeletal
muscle mass in cancer-induced cachexia and skeletal muscle regeneration and overloadinduced myofiber growth. It also suggests that distinct arms of the UPR may play
different roles in the regulation of skeletal mass and that the function of each arm may
depend on the underlying condition and duration of activation (i.e. transient vs chronic).
Recent studies have demonstrated that the markers of ER stress are activated in
skeletal muscle in multiple catabolic states, including starvation and cancer cachexia. As
discussed in Chapter 2, the original goal of these investigations was to determine the role
of ER stress-induced UPR pathways in skeletal muscle mass, specifically cancer-induced
cachexia. Because unmitigated ER stress leads to inflammation and cell death, the
original hypothesis was that the activation of UPR is detrimental to skeletal muscle health
and contributes to loss of muscle mass in tumor-bearing mice. Specifically, it was
hypothesized that inhibition of ER stress via chemical chaperone 4-PBA would attenuate
skeletal muscle wasting during cancer cachexia. Contrary to our hypothesis, our results
demonstrated that pan-inhibition of the UPR through chronic administration of 4-PBA
resulted in a loss of skeletal muscle mass and strength both in naïve and tumor-bearing
mice. Our findings revealed that inhibition of the ER stress/UPR in naïve mice resulted in

151

the activation of both ubiquitin-proteasome system and autophagy. Intriguingly, these
proteolytic mechanisms were inhibited in tumor-bearing mice after treatment with 4-PBA
but still there was loss of muscle mass. Our findings reveal that several other mechanisms
such as activation of AMPK and repression of Akt/mTOR signaling may be responsible
for the loss of muscle mass in naïve as well as LLC tumor-bearing mice upon paninhibition of ER stress using 4-PBA. While these results suggested that certain levels of
activation of the UPR is essential for maintaining skeletal muscle health in naïve as well
as catabolic states, they also raised the possibility that different arms of the UPR may
have distinct roles in the regulation of skeletal muscle mass. It is possible that specific
arms of the UPR may be promoting muscle wasting, whereas others may be antagonizing
the loss of muscle mass in catabolic states.
A pitfall of the experiments in Chapter 2 is that we used 4-PBA, a
pharmacological agent that is known to inhibit ER stress and hence the inhibition of all
the three arms of the UPR. Furthermore, since 4-PBA is known to modulate the
activation of several other unrelated pathways, there is always a possibility that 4-PBA
induces the loss of skeletal muscle mass through some other mechanisms independent of
inhibition of ER stress. Additional experimentation that involves other pharmacological
inhibitors of ER stress, such as Taurine-conjugated ursodeoxycholic acid (TUDCA),
would further help understanding the role of ER stress in the regulation of skeletal muscle
mass. Moreover, pharmacological compounds targeting specific arms of the UPR have
been identified. Future studies will investigate the effects of such compounds in the
animal models of skeletal muscle atrophy and hypertrophy.
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The findings of Chapter 2 also highlighted the need to use genetic mouse models
to tease out the roles of individual arms of the UPR. Thus, in Chapter 3, we investigated
the role of IRE1/XBP1 arm of the UPR in the regulation of skeletal mass in tumorbearing mice. Since TLRs and MyD88-mediated signaling contributes to the loss of
skeletal muscle mass during cancer-induced cachexia, it was investigated whether UPR
pathways are activated through the TLR/MyD88 signaling axis. Indeed, our findings
suggested that ablation of MyD88 inhibits the activation of the UPR in skeletal muscle of
LLC tumor-bearing mice. Since the XBP1 transcription factor is involved in gene
expression of many inflammatory cytokines, which are known to cause muscle wasting,
we focused our next work on studying the role of IRE1/XBP1 arm of the UPR in
regulation of skeletal muscle mass in LLC tumor-induced cachexia. Specifically, it was
hypothesized that genetic deletion of MyD88 would attenuate skeletal muscle wasting
during cancer-bearing mice through inhibiting the IRE1/XBP1 signaling axis. Indeed,
results showed that deletion of MyD88 in skeletal muscle prevented the loss of skeletal
muscle mass in LLC tumor-bearing mice. Our investigations further showed that genetic
ablation of XBP1, specifically in differentiated skeletal muscle, rescues the loss of
myofiber diameter during cancer-induced cachexia in adult mice. Additionally, our
findings revealed that deletion of XBP1 in skeletal muscle reduces the gene expression of
classical pro-inflammatory cytokines IL-6, TNF-α, and TWEAK and several components
of ubiquitin-proteasome system and autophagy. Finally, the experimentation in chapter 3
revealed that the forced expression of sXBP1 alone is sufficient to induce atrophy and
stimulate gene expression of pro-inflammatory cytokines in cultured myotubes.
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Conversely, shRNA-mediated knockdown of XBP1 prevents myotube atrophy in
response to LLC tumor-derived factors.
Although the findings of Chapter 3 suggested a role for the IRE1α/XBP1
pathway, it does not provide detailed mechanisms of action of XBP1 in in skeletal muscle
wasting. Although not in skeletal muscle, recent findings have demonstrated that XBP1
binds to the promoter regions of the pro-inflammatory cytokines IL-6 and TNF-α in
macrophages. Therefore, it is possible that activation of XBP1 directly induces the gene
expression of pro-inflammatory cytokines which in turn increases the activity of various
proteolytic pathways through activation of catabolic signaling pathways, including the
p38 MAPK and NF-kB. It is notable that during cancer-induced skeletal muscle wasting,
UPR pathways are stimulated through the TLR/MyD88 axis and potentially independent
of the classical ER stress response. Thus, the conclusions of Chapter 2 that ER stress and
its activation of the UPR is necessary to maintain skeletal muscle homeostasis could still
be accurate. This is further supported by our unpublished results demonstrating that
targeted inducible ablation of PERK leads to skeletal muscle atrophy in adult mice.
For all our studies, we used lower extremity musculature when examining skeletal
muscle atrophy during cancer-induced cachexia. However, in addition to extremity
muscles, cachexia also has a robust effect on other muscles, including diaphragm and
cardiac muscle, leading respiratory and cardiac failure in cancer patients. Considering the
MCK promoter is expressed in all skeletal muscle and some cardiac muscle, a more
comprehensive evaluation of all muscle types is needed in future experiments. It is also
known that different fiber types show differential sensitivity to specific pathophysiologic
atrophy signals. Specifically, type I fibers are more sensitive to inactivity, microgravity,
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and denervation-induced atrophy, whereas type II fibers are more vulnerable in
conditions of cancer cachexia, diabetes, chronic heart failure, and aging. Importantly, our
experiments suggest that inhibition of MyD88 or XBP1 attenuates tumor-induced atrophy
in both oxidative and glycolytic fibers.
A potential limitation to our experiments in chapter 3 is not having non-cachectic
tumor as a control. Specifically, as a control for LLC tumor-bearing mice, the mice were
injected with saline alone. This may not be the best control as the engraftment of cells by
themselves can cause systematic effect other than cachexia. A more suitable control
would have been to implant tumor cells that do not cause muscle wasting. However, it is
important to note that the loss of muscle mass in LLC tumor-bearing mice does not occur
until up to two weeks of implantation of LLC cells. Therefore, any acute effect (if any) of
the injection of cells would be considered minor.
While the findings in Chapter 3 suggested that the IRE1α/XBP1 arm of the UPR
mediates muscle loss during cancer-induced cachexia, it did not address the potential
physiological role of XBP1 in regulation of muscle growth and regeneration. Therefore,
the focus of Chapter 4 was to further investigate the role of XBP1 in the regulation of
skeletal muscle development during post-natal period and myofiber regeneration and
overload-induced hypertrophy in adult mice. The findings of this chapter revealed that
XBP1 promotes skeletal muscle regeneration and growth. Indeed, this investigation
determined that myofiber-specific deletion of XBP1 attenuates the proliferation and
fusion of activated satellite cells in a cell non-autonomous manner to myofibers during
muscle regeneration, post-natal development, and overload-induced myofiber growth.
Intriguingly, skeletal muscle-specific deletion of XBP1 had no effect on the rate of
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protein synthesis during overload-induced hypertrophy. Our findings further revealed that
knockdown of XBP1 in vitro inhibits myoblast fusion potentially through reducing the
gene expression of some profusion molecules, such as Myomaker and TWEAK. Our
results also showed that the targeted deletion of XBP1 did not affect the total number of
fibers at 2-week and 12-week of age mice suggesting that while XBP1 promotes satellite
cell proliferation and fusion, it does not regulate the number of myofibers in skeletal
muscle.
Chapter 3 suggests that in physiological conditions XBP1 promotes skeletal
muscle growth through augmenting the proliferation and fusion of satellite cells. Since
XBP1 was ablated in myofiber only but it reduced the abundance of satellite cells in
skeletal muscle, XBP1 appears to promote skeletal muscle growth in a non-cell
autonomous manner. However, the XBP1-induced molecules in myofibers that augment
the proliferation of satellite cells in a paracrine manner remain to be identified. Insulinlike growth factor-1 (IGF-1), hepatocyte growth factor (HGF), nitric oxide (NO),
fibroblast growth factors (FGFs), and some inflammatory cytokines including TWEAK
are some of the candidates which may be regulated through XBP1-dependent manner and
responsible for the increased proliferation of satellite cells in skeletal muscle. Future
studies will tease out these potential mechanisms.
It is still not clear whether the activation of XBP1 during skeletal muscle growth
and regeneration is through classical ER stress or due to the activation of other pathways,
such as TLR-mediated signaling. Skeletal muscle growth involves a robust increase in the
rate of protein synthesis. Thus it could be deduced that this increase in protein synthesis
leads to the accumulation of misfolded proteins and causes ER stress. Indeed, ER stress-
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induced UPR pathways have been implicated in proliferation and differentiation of
multiple cell types in various organs. Thus, the activation of the IRE1/XBP1 arm of the
UPR during skeletal muscle growth appears to be a result of ER stress, not due to
potential non-canonical pathways.
Collectively, the results of this dissertation reveal that the UPR pathways have
an important role in the regulation of muscle mass in both physiological and
pathophysiological conditions. Specifically, ER stress and the classical UPR pathways
are important to maintain skeletal muscle homeostasis and complete inhibition of the
UPR is deleterious to skeletal muscle health both in naïve conditions and during cancerinduced cachexia. The dissertation also revealed some of the arms of the UPR can be
activated independent of ER stress in models of cancer cachexia. We provided initial
evidence that TLR/MyD88 signaling mediates the activation of the IRE1/XBP1 pathway
in LLC-tumor bearing mice. Moreover, hyper-activation of the IRE1/XBP1 pathway
leads to muscle wasting potentially through increasing the inflammatory milieu. In
contrast, during muscle development and growth, XBP1 is activated potentially by ER
stress to augment the proliferation and fusion of muscle progenitor cells to myofibers.
Thus, depending on the stimuli and underlying condition, XBP1 can act as a friend or foe
for skeletal muscle.

5.2 Scientific contribution and future implementation. The research within this
dissertation provides initial evidence about the role of ER stress and the IRE1/XBP1 arm
of the UPR in the regulation of skeletal muscle mass in conditions of skeletal muscle
growth and atrophy. While skeletal muscle is not a major secretory organ where ER
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stress is quite common, the findings in the dissertation highlight that the UPR is induced
in skeletal muscle in multiple physiological and pathophysiological conditions. The
dissertation also provides the potential signaling mechanisms and cross-talk through
which the UPR regulates skeletal muscle mass. It is interesting to note that targeted
deletion of XBP1 inhibits skeletal muscle wasting during cancer cachexia, whereas paninhibition of the UPR via 4-PBA promotes skeletal muscle atrophy. These finding
highlights that other arms of the UPR may have an opposite effect than the IRE1/XBP1
arm during cancer-induced cachexia. Specifically, it is possible that the inhibition of
ATF6 or PERK arm of the UPR may cause skeletal muscle wasting similar to that
observed using 4-PBA. Future studies examining the roles of PERK and ATF6 and other
components of the UPR is necessary to further our understanding of involvement and
mechanisms of action of the UPR in skeletal muscle homeostasis.
The results in Chapter 3 indicate that XBP1 promotes the gene expression of proinflammatory cytokines and the components of the UPR. However, a direct link between
XBP1 and gene expression was not deduced. Further investigations including chromatin
immunoprecipitation (ChIP) assay would be necessary to determine if sXBP1 can
directly bind to the promoter region of the affected genes in catabolic conditions. Since
XBP1 appears to promote gene expression of inflammatory molecules in chronic disease
states, such as cancer, it is possible that activation of XBP1 is a mechanism for
inflammatory immune response in other skeletal muscle disorders. For example,
Duchenne muscular dystrophy (DMD) is a disease in which the dystrophin protein is
non-functional in skeletal muscle leading to multiple rounds of degeneration and
regeneration. Levels of various pro-inflammatory cytokines are increased and contribute
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to dystrophinopathy. On the contrary, XBP1 is also essential for skeletal muscle
regeneration and its inhibition may block the regeneration of myofibers in dystrophic
muscle. Specific experiments are required to understand whether muscle-specific
inhibition of XBP1 improves or worsen dystrophic phenotype. Deletion of XBP1 in
myofibers of the mdx mouse model of DMD would facilitate better understanding of the
role of XBP1 in the regulation of inflammatory signaling and myofiber regeneration.
The findings of Chapter 3 highlight that deletion of XBP1 prevents the loss of
muscle mass in LLC tumor-bearing mice potentially through activation of the
TLR/MyD88 signaling axis. Furthermore, Chapter 3 reveals that treatment of C2C12
myotubes with known tumor-secreted molecule, Hsp70, can induce activation of the
UPR. However, it is not known whether the UPR are activated in other models of
skeletal muscle atrophy not induced by tumor-secreted molecules. Further investigations
are needed to determine whether deletion of XBP1, or other molecules of the UPR, can
inhibit skeletal muscle loss during conditions such as denervation and starvation are
necessary.
Lastly, work has unveiled MyD88 as a potential upstream activator of XBP1 in
skeletal muscle during cancer-induced cachexia. However, it remains unclear whether the
activation of XBP1 during skeletal muscle growth and regeneration is also driven by
common molecular regulators or is mediated through distinct signaling events. Precise
delineation of such mechanisms represents an area of forthcoming investigations.

5.3 Limitations of future implementation. This dissertation concludes in identifying a
role of ER stress and the UPR in skeletal muscle homeostasis. Specifically, MyD88
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mediates the activation of the IRE1/XBP1 to promote skeletal muscle wasting during
cancer-induced cachexia. Moreover, possibly when activated by ER stress, IRE1/XBP1
signaling is important for proliferation and fusion of satellite cells during skeletal muscle
regeneration, development, and growth. While muscle-specific XBP1-knockout mice
were used to understand the role of XBP1 in skeletal muscle, some of the effects could be
attributed to the potential role of XBP1 in skeletal muscle development. Specifically, the
muscle creatine kinase (MCK)-Cre line was used to delete XBP1 in skeletal muscle.
Since MCK is expressed early on in development, prolonged deletion of XBP1 could
have a compensatory effect on other signaling mechanisms. Thus, use of an inducible
muscle-specific Cre line, such as the HSA-MCM, would allow for a more accurate
understanding of role of XBP1 in adult skeletal muscle. Additionally, the use of genetic
manipulation through mice may have relatively low translational relevance. Therefore,
investigating the effects of pharmacological inhibition of the splicing of XBP1 might
ultimately be essential to developing XBP1-based novel therapies to prevent skeletal
muscle wasting. However, the clinical significance of inhibition or deletion of XBP1 on
skeletal muscle homeostasis remains enigmatic. ER stress and the UPR were initially
viewed as a pathological events that occurred downstream of primary etiology. However,
studies using genetically modified animals and small molecules that selectively target
specific medi¬ators have revealed that the UPR can have distinct outcomes in different
diseases and when different physiological com¬ponents are manipulated. Moreover, the
UPR can have opposite effects depending on the disease stage. Initially, the UPR may
work as a pro-survival factor to sustain proteostasis, but its chronic activation can lead to
cell damage dur¬ing late symptomatic phases. The results of the present study also
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suggests that while the inhibition of XBP1 may be beneficial in patients with cachexia, it
could also become detrimental to them during recovery if the tumor is resolved.
In addition, it is important to investigate whether the inhibition of IRE1/XBP1
arm of the UPR can also ameliorate skeletal muscle wasting in other conditions such as
disuse, aging, diabetes, chronic heart failure or does it only promote atrophy when
stimulated by molecules secreted from tumors. Moreover, while the dissertation focused
on XBP1, it remains to be determined whether skeletal muscle-specific inhibition of
IRE1 would produce similar effects on skeletal muscle mass in catabolic conditions and
in response to injury. Addressing such questions would elevate the significance of the
findings acquired throughout this dissertation.
While our studies provided initial evidence that ER stress and the UPR regulate
skeletal muscle mass, there are also several outstanding questions. For example, it is of
critical importance to examine the role of other arms of the UPR in skeletal muscle
physiology and various disease conditions using genetic mouse models. Similarly, the
role of the downstream effectors of the UPR in skeletal muscle needs to be investigated
using molecular and genetic approaches. It is also increasingly evidenced that some of the
components of UPR can be activated independent of ER stress and modulate the activity
of other signaling pathways. Therefore, signaling cross-talk of UPR with other
intracellular pathways that are involved in regulation of skeletal muscle mass, needs to be
further investigated. Finally, the role of UPR in metabolic perturbations in skeletal
muscle including oxidative phosphorylation should be investigated using molecular,
genetic, and proteomics approaches. Nevertheless, this dissertation and available
literature provides strong evidence that ER stress and the UPR pathways regulate skeletal
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muscle health and disease. With the availability of genetic mouse models and specific
inhibitors and activators of various components of the UPR, there is a renewed interest
towards understanding the role and mechanisms of action of the UPR in skeletal muscle
biology.
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APPENDICES

APPENDIX-1
The following Chapters are adapted from previously published work:

Chapter 1: Bohnert KR, McMillan JD, Kumar A: Emerging roles of ER stress and
unfolded protein response pathways in skeletal muscle health and disease. J Cell
Physiol 2017.

Chapter 2: Bohnert KR, Gallot YS, Sato S, Xiong G, Hindi SM, Kumar A: Inhibition of
ER stress and unfolding protein response pathways causes skeletal muscle wasting
during cancer cachexia. FASEB J 2016, 30(9):3053-3068.

181

APPENDIX-2
Sequence of the primers used in QRT-PCR assay.
Gene Name
PERK
IRE1
XBP1
ATF6
GRP78
GRP94
DR5
ATF4
MAFBx
MuRF1
MUSA1
TRAF6
LC3B
Beclin1
MyD88
TLR1
TLR2
TLR4
TLR7
TLR8
TLR9
CHOP

Forward primer (5’-3’)
ACTCCTGTCTTGGTTGGGTCT
GAT
CCTTTGCTGATAGTCTCTGCC
CAT
TGTCCATTCCCAAGCGTGTTC
T
CGTTCCTGAGGAGTTGGATTT
G
TGATATTGGAGGTGGGCAAA
CC
GGGAGGTCACCTTCAAGTCG
AAGCCTTGCAGAGAGGTATT
GAC
CTCTTCACGAAATCCAGCAG
CA
AAGGCTGTTGGAGCTGATAG
CA
TAACTGCATCTCCATGCTGGT
G
TCGTGGAATGGTAATCTTGC
GCAGTGAAAGATGACAGCGT
GA
CTGGTGAATGGGCACAGCAT
G
TGAAATCAATGCTGCCTGGG
TATCGCTGTTCTTGAACCCTC
G
TGATCTTGTGCCACCCAACA
GT
CACTCCCAGATGCTTCGTTGT
T
GACTGGGTGAGAAATGAGCT
GGTA
CTTGCCTTTGAATGCAGACTG
C
CCAGTGCCATCTTCCATAAA
GC
TCTCGGAACAACCTGGTGAC
TATC
TGAAAGCAGAACCTGGTCCA
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Reverse primer (5’-3’)
CGTGCTCCGATTCCTTTCT
TTACCACCAGTCCATCGCCA
TT
TGGAGCAGCAAGTGGATTT
GCTTCTCTTCCTTCAGTGGCT
CTA
TTGTCGCTGGGCATCATTGA
CTCGAGGTGCAGATGTGGG
GCAGTTAGAGCATGACTGGA
GAT
CCATGAGGTTTCAAGTGCTT
G
CACCCACATGTTAATGTTGC
C
TGGCGTAGAGGGTGTCAAAT
CCTCCCGTTTCTCTATCACG
TCCCGTAAAGCCATCAAGCA
CGTCCGCTGGTAACATCCCTT
CCAGAACAGTATAACGGCAA
CTCC
AGGCATCCAACAAACTGCGA
CCCATAAGCATCTCCTAACA
CCAG
AACCAGGATTTGAGCCAGAG
CT
ATGATGTTGGCAGCAATGGC
GCCAGAGTTCACTGCCATTA
AGAG
TGGGTGCTGTTGTTTGGCAT
TGCTAAAGGGCTGGCTGTTG
TA
CACTGTTCATGCTTGGTGCA

GADD34

CAGAACATCAAGCCACGGAA
GA
AAGAACACGCTTGGGAATGG
CGGCTATGACAACTACATGG
AGTCATCAAGCCATTCTGTG
AGCACAGGCACAGAAGACAA
GAGT
ATGGCAATTCTGATTGTATG
GCTACGACCGCCAGATTGGG
GCATGATCCGCGACGTGGAA

AAAGTTGTCTCAGGTCCTCCT
TCC
CTGCACCTGCGGAC
GTTCAGATTGGAAGGGTCTC
GAAGACATGATGCCAAACAG
AATGTGTCCAGTCATCGTCTC
CTC
TGGCTTTGTCTTTCTTGTTA
GCCAGCACACCGTTCACCAG
AGATCCATGCCGTTGGCCAG

ACATCTCTATGCCACCTTCGC
TAC
Myogenin
CATCCAGTACATTGAGCGCC
TA
Myf5
TGAAGGATGGACATGACGGA
C
MyoD
TGGGATATGGAGCTTCTATC
GC
Pax7
CAGTGTGCCATCTACCCATGC
TTA
Myomaker
ATCGCTACCAAGCGTT
MyHC I
AGTCCCAGGTCAACAAGC
MyHC IIA
GCATGACCAAAGGTTTCA
MyHC IIB
TTTCTCCTGTCACCTCTC
N-Cadherin
CAGCAGATTTCAAGGTGGAC
GA
Nephronectin CCAGAACAACTCCACTACCA
CCAA
β-Actin
CAGGCATTGCTGACAGGATG

GGGTCTTGGTTTCGTTGGGTA
T
GAGCAAATGATCTCCTGGGT
TG
TTGTGTGCTCCGAAGGCTGC
TA
GGTGAGTCGAAACACGGATC
AT
GGTGCTTGGTTCAAATTGAG
CC
CACAGCACAGACAAACCAGG
TTCCACCTAAAGGGCTGT
AGTCCCAGGTCAACAAGC
AGTCCCAGGTCAACAAGC
TCCTGGGTTTCTTTGTCTTGG
G
CTGGGTCGTCCTTTACTTCCT
CAT
TGCTGATCCACATCTGCTGG

sXBP1
EDEM
SEC61
p62
IL-6
Tweak
TNFα
TNFR1
eMyHC
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APPENDIX-3
LIST OF ABBREVIATIONS:

4-PBA……………………………..4-phenylbutryrate
ALS………………………………..Autophagy-lysosome system
ATF………………………………..Activating transcription factor
BSA………………………………..Bovine serum albumin
BiP…………………………………Immunoglobulin heavy-chain binding protein
CHOP……………………………...C/EBP homologous protein
CM………………………………...Conditioned medium
CSA………………………………..Cross-sectional area
eIF………………………………….Eukaryotic translation initiation factor
ER………………………………….Endoplasmic reticulum
eMyHC…………………………….Embryonic myosin heavy chain
GA…………………………………Gastrocnemius muscle
GADD34…………………………...Growth arrest and DNA-damage inducible protein
GRP78……………………………...Glucose-regulating protein 78
H&E………………………………..Hematoxylin and eosin
Hsp………………………………….Heat shock protein
IL…………………………………....Interleukin
IRE1………………………………....Inositol-requiring protein 1

184

LC3B………………………………...Light chain 3B
LLC………………………………….Lewis lung carcinoma
MAPK……………………………….Mitogen associated protein kinase
mKO…………………………………………….Muscle specific knockout
mTOR……………………………….Mammalian target of rapamycin
MuRF1………………………………Muscle Ring-finger protein
MyD88………………………………Myeloid differentiation primary response 88
MyHC……………………………….Myosin heavy chain
myoKO………………………………Myoblast specific knockout
NF-kB………………………………..nuclear factor kappa-B
Pax7……………………………………………..paired box protein 7
PERK………………………………..RNA-dependent protein kinase-like ER eukaryotic
translation intitation factor 2 a kinase
rpS6………………………………….Ribosomal Protein S6
shRNA……………………………….short hairpin RNA
QRT-PCR…………………………….Quantitative RT-PCR
sXBP1………………………………..Spliced X-box binding protein
Sunset…………………………………Surface sensing or translation
TA…………………………………….Tibialis anterior muscle
TLR…………………………………...Toll-like receptor
TNF…………………………………...Tumor Necrosis factor
TNFR…………………………………Tumor necrosis factor receptor
TWEAK………………………………TNF-related weak inducer of apoptosis
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UPR…………………………………..Unfolded protein response
UPS……………………………………Ubiquitin-proteosome system
XBP1………………………………….X-box binding protein 1
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